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ABSTRACT 

Cellular biomechanics and cellular communication via receptor-ligand interactions play 

an important role in controlling cell development and maintaining cellular functions. Atomic 

force spectroscopy (AFM) technique has been widely used to characterize the changes in cellular 

biomechanics and quantify the receptor-ligand interactions. In this dissertation, we introduce 

working principles of AFM-based force spectroscopy, visualize cross-communications between 

membrane mechanics and cellular signaling, and identify quantitative relationship between 

receptor-ligand binding dynamics and multivalent interactions.  

First, by exploiting force spectroscopy methods, we probed biomechanical kinetics 

(stiffness, morphology, roughness, adhesion) of the brain, breast, prostate, and pancreatic cancer 

cells with standard chemotherapeutic drugs in normoxia and hypoxia over 12 – 24 hours.  After 

exposure to the drugs, we found that brain, breast, and pancreatic cancer cells became 

approximately 20 – 50% less stiff, while prostate cancer cells became more stiff, due to either 

drug-induced disruption or reinforcement of cytoskeletal structure.  However, the rate of the 

stiffness change decreased up to 2-folds in hypoxia, suggesting a correlation between cellular 

stiffness and drug resistance of cancer cells in hypoxic tumor microenvironment. Our results 

show that a degree of chemotherapeutic drug effects on biomechanical and biophysical 

properties of cancer cells is distinguishable in normoxia and hypoxia, which are correlated with 

alteration of cytoskeletal structure and integrity during a drug-induced apoptotic process. 

Second, we probed the binding strength of ligand-receptor interactions on live pancreatic 

cancer cells using single-molecule force spectroscopy methods, in which the peptides (cyclic 

arginine-glycine-aspartic acid: cRGD) was functionalized on a force probe tip through the 

polyethylene glycol-based bifunctional linker molecules.  Although the density of integrin 
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heterodimer receptors on the cell surface of each cell differs from cell to cell, the individual 

cRGD-integrin complexes exhibited a cell type-independent, monovalent bond strength.  The 

load-dependent, bond strength of multivalent cRGD-integrin interactions scaled sublinearly with 

increasing bond number, consistent with the noncooperative, parallel bond model.  Comparison 

of energy landscapes of the bond number revealed a substantial decrease of kinetic off rates for 

multivalent bonds, along with the widened width of the potential well and the increased potential 

barrier height between bound and unbound state, enhancing the stability of multivalent bonds 

between them. 
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CHAPTER 1. INTRODUCTION 

Nanotechnology-based tools applied in biological sciences have been well developed and 

served as powerful techniques for studying biology and biophysics at a single cell or molecule 

level. For example, fluorescence resonance energy transfer (FRET) [1], stochastic optical 

reconstruction microscope (STORM) [2], transmission electron microscope (TEM), scanning 

electron microscope (SEM) [3], and atomic force microscope (AFM) [4] have been widely used 

to investigate biomechanical and biophysical properties of biological materials. Among these 

techniques, AFM has proven its efficacy in providing high throughput quantitative analysis 

through high resolution imaging, 3D characterization, and mechanically probing single-molecule 

interactions. Furthermore, all these capabilities can be performed in the physiological 

environment in real-time [5] [6] [7].  

Investigating the living cell communication frontlines such as the cell surface  and 

membrane receptors is of great significance for biological and pharmaceutical sciences[8] [9] 

[10]. Cellular biomechanics and cellular communication through receptors play an important role 

in controlling cell development and maintaining cellular functions [11] [12] [13]. AFM-based 

force spectroscopy technique has been employed extensively in exploring the biophysical 

properties of cell surface and membrane receptors [14] [15] [16]. For these reasons, cellular 

biomechanics and receptor-ligand membrane interactions were studied using AFM in this thesis.  

The working principles of the AFM technique as well as the theoretical approach of the 

AFM-based measurements were demonstrated in chapter 2 and chapter 3. In chapter 2, the 

imaging and force spectroscopy procedures of measuring elasticity for biomolecules and living 

cells were described. Then, single-molecule force spectroscopy technique besides the AFM-tip 
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functionalization were introduced in chapter 3. Additionally, the dynamical analysis of the 

membrane receptor-ligand interactions was illustrated. 

In chapter 4, the biomechanical and biophysical properties of four cancer cell lines were 

quantified under chemotherapeutic drug exposure using AFM in normoxic and hypoxic 

conditions. First, the cellular elasticity was measured in a time-dependent manner before and 

after treatment in both conditions: normoxia and hypoxia. Then, the morphological alterations 

due to the drug exposure were investigated under similar conditions. Our results have shown 

direct evidence of the drug-induced changes of the cytoskeletal components, as well as the effect 

of a low-oxygen environment on enhancing the cancer cell resistance against the 

chemotherapeutic treatment.  

In chapter 5, single and multiple interactions between αv integrin receptors and cRGD 

ligands were investigated using AFM. First, the unbinding force of the single receptor-ligand 

bond was quantified. Then, force-based receptor distributions were compared between three 

pancreatic cancer cell lines and a healthy pancreas cell line. Next, the thermodynamic and kinetic 

parameters were examined for single receptor-ligand bindings upon varying the loading rates. 

Finally, the multivalent interactions of the αv integrin-cRGD bindings were quantified and the 

thermodynamic parameters were analyzed. Based on our results, a comprehensive quantitative 

description of αv integrin and cRGD ligand interactions was provided.  
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CHAPTER 2. BIOMECHANICAL CHARACTERIZATION OF LIVING CELLS USING 

THE AFM 

Introduction 

The mechanical properties of a material are defined by how the material responds to any 

stimulus of external force. The relationship between the response, as a form of deformation, and 

the external force is given by the elasticity which is also called Young’s modulus. The living 

cells have intrinsic viscoelastic characteristics in their physiological environments. The healthy 

cellular mechanics guarantees adequate physical and biochemical connections between the cell 

and the external environment. Thus, the cell keeps well-functioning and maintains its integrity.  

Measuring the mechanical properties of cells is of great importance as cellular mechanics 

is directly related to cellular functions [17]. Cellular mechanics represents the main indicator of  

cell viability and cell ability to perform metabolic activities [18]. A variety of biomechanical and 

biophysical assay approaches such as micropipette aspiration [19], optical and magnetic tweezers 

[20] [21], mechanical microplate stretcher [22], and AFM have been used to measure the 

elasticity of living cells. Among those, the AFM method has emerged as a powerful tool to 

investigate biomechanical properties of single cells in physiological solutions in real-time [13] 

[23] [24]. In this chapter, I will describe the AFM working principles of imaging and measuring 

cellular biomechanical properties, as well as the theoretical approach of force measurements.  

Atomic Force Microscope 

Atomic Force Microscope (Figure 1) is comprised of a cantilever-tip assembly that raster 

scans across the sample surface using a piezoelectric tube controlled by a computer. The 

deflection of the cantilever is monitored using an optical detection system in the form of a laser 
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that reflects off the back of the cantilever and onto a four-quadrant photodiode while scanning. 

The feedback loop containing the piezo system maintains a constant tip-sample force.  

 

Figure 1. A representation scheme of AFM components and working principle. The cantilever 

deflection is monitored by a photodiode which controls the tip-sample separation to maintain a 

constant interaction force using a feedback loop. 

AFM scanning can be done by operating in contact mode, where a constant cantilever 

deflection is maintained, or in semi-contact (tapping) mode where the cantilever oscillates near 

resonance and constant amplitude is maintained. AFM is also capable of force spectroscopy 

measurements. The great advantage of AFM is the possibility of performing measurements at 

very high resolution and in the liquid environment which is the natural medium for most 

biological samples. AFM can be used for topographical imaging, measuring mechanical 

properties, and investigating the biophysical properties of molecular interactions [25]. Another 

advantage comes from its real-time measurements [26], which provide not only static but also 
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dynamic information about the investigated sample. Thus, AFM can be applied to study many 

types of biological samples, ranging from small cellular structures (e.g., exosomes) to large ones 

like living cells.  

AFM imaging principle 

The origin of the AFM name is due to the basic principle of measuring repulsive or 

attractive interaction forces between the AFM tip atoms and the sample surface atoms. AFM 

operates imaging by moving the cantilever-tip assembly laterally to scan over the sample surface 

line by line. As the cantilever is elastic, tip-sample interaction easily affects the cantilever 

position. How the tip position changes depends on the operating mode used for imaging. The 

operating mode is chosen according to the elastic characteristics of both the cantilever and the 

sample. The two primary AFM modes are contact mode and semi-contact (tapping) mode.  

In the contact mode, the cantilever deflection due to tip-sample interaction is monitored 

by a laser beam and maintained constant by a feedback loop. As a result, an iso-force image is 

created by recording the feedback signals as a topographic image. This mode is usually used for 

imaging hard materials using a cantilever with a high elastic constant.  

In the tapping mode, the cantilever oscillates at a high amplitude near its resonance 

frequency. The tip-sample interaction affects the oscillation amplitude while the feedback loop 

maintains a constant amplitude. Then, the sample topography is recorded. Operating under the 

tapping mode allows the tip to interact with the sample only at the bottom of each oscillation 

cycle, protecting both the sample and the tip from damage. Thus, the tapping mode is suitable for 

imaging soft materials and biological molecules including living cells. 
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AFM force spectroscopy principle 

In AFM force spectroscopy experiments, the cantilever and tip are moved directly 

towards the sample until they are in contact with it, and then retracted again, while the 

interaction between the tip and the sample is measured. When the cantilever approaches the 

sample, the indentation (cantilever deflection) remains zero until making a contact with the 

sample. The cantilever keeps indenting into the sample until the deflection reaches a target depth. 

Then AFM pulls the cantilever away from the sample. During this process, the cantilever 

deflection is recorded as a function of its location and the device provides data as a cantilever 

deflection vs. distance.  

Force-distance curve 

The force-distance (FD) curve explains the interaction between the cantilever tip and the 

sample. When the cantilever approaches the sample, the indentation (cantilever deflection) 

remains zero until making physical contact with the sample surface (at zero on the x-axis) as in 

Figure 2. The cantilever keeps indenting into the sample until the deflection reaches a target 

depth called set-point. Then, AFM pulls the cantilever away from the sample. Recording this 

process results in two curves: the approach curve (red line, Figure 2) and the retract curve (blue 

line, Figure 2). The stiffness of the sample determines the curve slope.  

The raw data by AFM usually represents the dependence between the electrical signal, 

which is proportional to the cantilever deflection, and the vertical location of the cantilever 

which is converted into a tip-sample distance. Then, the indentation part of the approaching 

curve is used to fit with Hertz model (Figure 3). As a result, Young’s modulus will be extracted. 
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Figure 2. Typical FD curve recorded during approaching-retracting cycle between the AFM 

cantilever and a cancer cell surface. 

 

Figure 3. Fitting the data of approaching FD curve with Hertz model to extract Young's modulus. 

The theoretical approach of cellular elasticity measurements  

Young’s modulus is a measure of material elasticity, defining the relationship between 

stress (force per unit area) and strain (proportional deformation). The relative cell stiffness 

(Young’s modulus) is extracted from FD curves. The FD curves are obtained on the central 
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cytoplasmic region of the cell surface. To prevent cell damage and eliminate potential substrate 

effects, all measurements should be performed with a shallow indentation depth of cells (<500 

nm). One can also determine the tip speed by setting the time needed to perform the FD curves in 

the approaching and retracting cycle. A fast tip may cause damage to the sample or to the tip 

itself. So, it is recommended that the tip velocity does not exceed 10 μm/s. 

The Young’s modulus is usually determined by fitting the FD curves with the Hertz 

model [27]. The FD curves should be converted to force-indentation curves. The force F is 

calculated from the cantilever deflection d and the cantilever spring constant k using Hooke’s 

law (F = kd). The tip-sample separation called indentation δ is calculated through the difference 

between relative piezo displacement Δz and cantilever deflection d (i.e., δ = Δz - d). Second, the 

force-indentation curves in the post-contact region are fitted by the Hertz model. Depending on 

the tip geometry (four-sided pyramid), the Young’s modulus can be extracted using 𝐹(𝛿) =

 (
𝐸

1−𝑠2

𝑡𝑎𝑛𝛼

√2
) 𝛿2, where E is the Young’s modulus, s is the Poisson’s ratio, and 𝛼 is the tip face 

angle. The Poisson’s ratio is defined as the ratio between transverse strain to axial strain which 

describes how the volume changes under tensile pressure. Poisson’s ratio value is 0.5 for typical 

soft biological samples in fluid, demonstrating that the material is perfectly incompressible and 

deformed elastically. 

AFM Imaging of Biomolecules and Living Cells 

Traditional methods used for characterizing biomolecules, such as X-ray crystallography 

[28], require pretreatment of the sample which modifies the natural characteristics of 

investigated structures. The AFM high-resolution images of biomolecules and living cells reveal 

structural details and conformational functional changes in real-time and in physiological 

conditions which cannot be examined by other approaches. Therefore, AFM is highly 
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recommended for investigating biological and cellular activities by tracking the structural 

changes.  

AFM is widely used to image a variety of biomolecules as well as living cells at high 

lateral resolution and in the liquid environment [23]. AFM imaging requires to appropriately 

adjust scanning parameters according to the tip and the sample characteristics. The scanning 

parameters include interaction force magnitude, scanning speed, and scanning area. They should 

be carefully set to acquire the desired outcomes, depending on the molecule’s deformability and 

size.  

Examples of AFM images in air or liquid are shown here. The first example is imaging 

pancreatic cancer exosomes (PANC-1 exosomes) in the air (Figure 4), where the particles with 

around 50 nm height were imaged. Also, an AFM image for a living pancreatic cancer cell 

(PANC-1 cell) was obtained in the liquid which shows the cell surface topography, size, and how 

it spreads over the substrate (Figure 5). AFM has been recently employed in many important 

studies as a complementary tool such as testing drug delivery methods using nanoparticles [29] 

and characterizing bio-composites of immobilizing enzymes on graphene substrates [30] [31].  

 

Figure 4. AFM images of PANC-1 exosomes in the air: topographical image (left) and deflection 

image (right). The scale bar is 250 nm. 
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Figure 5. AFM images of living PANC-1 cell in the liquid: topographical image (left) and 

deflection image (right). The scale bar is 5 μm. 

The AFM topographical image is recorded depending on the voltage applied to the z 

piezo ceramic system that is needed to keep the oscillation amplitude constant in tapping mode, 

or the deflection constant in case of contact mode. So, the topographical image demonstrates the 

height scale for the sample. On the other hand, the magnitude (deflection) image is recorded by 

measuring the error signal from the photodetector that represents the change in amplitude 

between each two adjacent recorded points, providing an image with more details of the scanned 

structures. 

AFM Cellular Elasticity Measurements 

Young’s modulus was calculated for three pancreatic cancer cell lines, (PANC-1, BxPC-

3, and MIA-PaCa-2), as well as a normal pancreas cell line hTERT-HPNE. First, each cell was 

imaged in the culturing medium at room temperature. Then, FD curves were recorded on the 

central region of the cell. AFM measurements were performed within 1-2 hours to maintain cell 

viability. The approaching and retracting speed of the probe (AFM tip) was 1 µm/s for all 

stiffness measurements. The elastic modulus for each cell was determined by fitting FD curves 

with the Hertz model. 
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At least 10 cells were tested by AFM force spectroscopy from each cell line. FD curves 

were obtained on the central region where at least five curves were taken at different positions. 

Figure 6 illustrates representative FD curves for each cell line, showing the force magnitude 

needed for indentation of 400 nm. Compared to the FD curve of hTERT-HPNE cell, less force is 

required for the three cancer (PANC-1, BxPC-3, and Mia-PaCa-2) cells to indent at the same 

depth, indicating that the cancerous cells are softer than the healthy cell. 

 

Figure 6. Cell-indentation portion of FD curves recorded during approaching process between 

the AFM tip and the cell surface of: hTERT-HPNE cell (green) and PANC1, BxPC-3, and Mia-

PaCa-2 cells (red). 

Analysis of all samples (Mia-PaCa-2 cells, n =10; BxPC-3 cells, n =21; PANC-1 cells, n 

=49) yielded average measured elastic moduli (mean ± SD) obtained using ex vivo culture 

sample for all cancerous cells of 0.45 ± 0.1 kPa, 0.52 ± 0.08 kPa, and 0.58 ± 0.06 kPa, 

respectively (Figure 7A, B, and C). Figure 7 shows histograms of the measured Young’s 

modulus for all cancer and normal cells. The majority of the cell stiffness over the distribution 
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curve (mean ± SD) obtained for healthy pancreas cells hTERT-HPNE was 1.0±0.2 kPa, Figure 

7D; (n =10).  

 

Figure 7. Histograms of the measured cell elasticity from three pancreatic cancer cell lines Mia-

PaCa-2 (A), BxPC-3 (b), PANC-1 (C), and hTERT-HPNE (D). The majority of the young’s 

modulus values are remarkably similar for the cancer cell lines while less than the normal cells 

values by nearly 50%. 

In our study, AFM force spectroscopy measurements of Mia-PaCa-2 cells yielded very 

similar findings for BxPC-3 and PANC-1. On the other hand, performing the same experiment 

on the healthy cells hTERT-HPNE, revealed that the cancerous cells are around 50% softer than 

the normal cells. Furthermore, as our results showed that the elasticity of cancer cells is less than 

that of normal cells, this indicates that cancer cells showed increased deformability as compared 

to normal cells due to biochemical alterations resulting from the starting of disease, such as 

cancer metastasis [27] [32] [33].   
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CHAPTER 3. BIOPHYSICAL CHARACTERIZATION OF MEMBRANE RECEPTOR-

LIGAND INTERACTIONS USING THE AFM 

Introduction 

AFM has proven its ability to measure piconewton forces at high lateral resolution in 

both air and liquid [34]. Therefore, it has increasingly been used to investigate biomolecular 

interactions at the single-molecule level in the physiological environment. One important way 

for living cells to initiate communication with surroundings is the cellular membrane receptors 

binding to ligands of the extracellular matrix or other cells. AFM has widely been used to 

quantify specific receptor-ligand interactions on the single-molecule level. Examples include 

investigating the adhesion forces of avidin-biotin pair [35] and studying the interaction between 

transforming growth factor-1 and its receptor in living cells [36].  

The general strategy to investigate receptor-ligand interactions is to bind ligands to AFM 

tip to probe the receptors on the cell surface. The AFM single-molecule force spectroscopy 

SMFS technique enables measuring receptor-ligand interactions through the FD cycle. In the 

approaching-retracting round, the tip, carrying the ligands, is first approached the cell surface 

where receptor-ligand pair is formed. During subsequent tip retraction, an increase in force is 

applied due to the receptor-ligand bond until breaking this bond at a certain amount of force 

(rupture force).  

The rupture force is also dependent on the rate of force change during the FD cycles [37]. 

Such experiments characterize the membrane receptor-ligand interactions and provide insight 

into the binding affinity, rate constants, and energy landscape parameters. In addition, receptor-

ligand recognition experiments allow force-based localization of receptor binding sites over the 

living cell membrane [38]. 
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In this chapter, I will present the SMFS principles as well as the protocols of binding 

ligands to AFM tips to be used for the SMFS experiments. Finally, the dynamic force model 

used in our dynamic analysis of cell membrane receptor and ligand interactions will be 

introduced here. 

Single-Molecule Force Spectroscopy 

Force spectroscopy technique 

The spectroscopy term is usually used for describing the techniques studying matter-

radiation interaction. Nevertheless, it is well-known in the scientific community that force 

spectroscopy is defined as probing interaction forces between biomolecules at the single-

molecule level. The principle of this technique [38] relies on applying a pulling force to the 

molecule of study to measure its mechanical properties under stretching. Force spectroscopy 

technique can explore the physical principles underlying the mechanical functioning of 

biomolecules in the living systems which have still been investigated extensively.  

Several powerful force spectroscopy techniques are available for investigating significant 

biological processes that rely on molecular interactions. These techniques include shear flow 

detachment [39], surface force apparatus [40], biomembrane force probe [41],optical tweezers 

[42], and AFM. AFM-based force spectroscopy has proven its efficiency in investigating high-

resolution molecular interactions on a wide range of force scales in the physiological 

environment. 

To probe cell membrane receptors, atomic force spectroscopy is applied using a ligand-

coated tip, the schematic diagram is presented in Figure 8. To align the tip and cell surface, the 

tip is roughly positioned above a cell via an optical microscope and then performs the raster 

scanning to image the cell.  From the acquired image, the position of the tip is selected above the 
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central cytoplasmic region of the cell surface.  Then, arrays of FD curves are obtained over a 

selected area. Each FD curve reveals an event of receptor-ligand binding or no binding, 

depending on the receptor’s existence in the contact site between the tip and cell surface. For the 

chosen area, the number of curves can be determined to achieve the desired resolution of 

recognition measurements scanning. Different resolutions are chosen through the study 

according to the purpose of mapping.  

 

Figure 8. A scheme of ligand-functionalized AFM tip and cell surface receptors, where the 

binding occurs between the ligand and the cell receptor. 

FD curves in SMFS experiments  

The molecular recognition measurements are recorded by AFM through the FD curves. 

During recording the FD curve over the living cell surface, the tip initially approaches the cell, 

contacts the cell surface, further indents no more than 500 nm to guarantee the cell membrane 

safety and finally retracts from the contact. When the coated tip becomes in contact with the cell 

surface, the recognition event between a cell receptor and its conjugate ligand on the tip occurs. 

Then, when the tip retracts away from the cell, a specific signal is recorded due to the rupture 

between the ligand and the cell membrane receptor (Figure 9B), Figure 9A demonstrates the 

retracting FD curve with no recognition event. The unbinding force (rupture force) is simply 

identified (Figure 9B) as the force magnitude needed to break the bond: the difference between 

the lowest negative force and zero force of the system.  
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Figure 9. Representative retracting FD curves for: (A) no binding event between the ligand and 

receptor, and (B) receptor-ligand binding event. 

Specific and nonspecific binding 

The binding that occurs between the ligand and the receptor is classified as specific 

binding. On the other hand, nonspecific binding attributed to the adhesion between the tip 

surface and the cell membrane. The AFM tip may adhere to some molecules on the cell 

membrane while retracting. This adherence is usually weak and causes membrane lifting. 

Through the backward movement from the set point until detachment from the membrane, the tip 

bends (deflects) linearly without any relaxation. This is clear in the FD curve that contains 

nonspecific binding in Figure 10, the slope of retracting curve doesn’t change until detachment 

from the cell membrane.  
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Figure 10. A representative retracting FD curve of nonspecific binding between the AFM tip and 

the cell membrane (A). A schematic configuration shows the AFM bending phases (B) 

corresponding to areas (1 to 5) on the FD curve in (A). 

Modifying the AFM tip with ligands leads to specific binding with the cell receptors 

when performing the force spectroscopy measurements (Figure 11A). The ligand is usually 

attached to the tip by a linker. The linker causes a relaxation before rupturing from membrane 

receptor. When the tip detaches from the cell surface while the ligand binds to a receptor, the 

ligand linker leads to a relaxation in which the tip doesn’t suffer any deflection for a moment. 

Then, the tip deflects again because of the binding force between the ligand and the receptor 

before the complete detachment (Figure 11B).  
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Figure 11. A representative retracting FD curve of specific binding between ligand-coated AFM 

tip and the ligand cognate cell membrane receptor (A). A schematic configuration shows the 

AFM bending phases (B) corresponding to areas (1 to 6) on the FD curve in (A).  

However, both specific and nonspecific binding may occur in the same force 

spectroscopy measurement (Figure 12). During the retraction process in the FD cycle, the 

adhesion with the membrane takes place first. As this nonspecific adhesion is weak, the tip lifts 

the soft cell membrane a distance according to the membrane elasticity. Then, the detachment 

from the membrane occurs followed by a relaxation after which the receptor-ligand binding 

signal appears in the FD curve.  The signal of receptor-ligand detachment in the FD curve looks 

like parabola (nonlinear) shape while it takes a linear shape for nonspecific binding. 

Furthermore, nonspecific binding signal also has the same slope of the tip-cell interaction 

between setpoint and contact point in the retracting curve. 
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Figure 12. A representative retracting FD curve of specific and nonspecific bindings occur in the 

same force spectroscopy measurement (A). A schematic configuration shows the AFM bending 

phases (B) corresponding to areas (1 to 7) on the FD curve in (A). 

Modifying the AFM tip with ligands reduces the nonspecific adherence between the tip 

and the membrane molecules , but even if specific and nonspecific bindings occur in the same 

force spectroscopy measurement, they are differentiated according to the linearity of FD curve 

signal, tip relaxation after the contact point, and the rupture force magnitude (𝐹𝑆𝑝𝑒𝑐𝑖𝑓𝑖𝑐 >

𝐹𝑁𝑜𝑛𝑠𝑝𝑒𝑐𝑖𝑓𝑖𝑐). 

To achieve a successful specific single-molecule binding spectroscopy measurement, two 

key points should be taken into consideration. First, the low sufficient density of both AFM tip 

ligands and the cell surface receptors is crucial for successful events. Second, a crosslinker has to 

be used to connect the ligand to AFM tip to distinguish the specific from nonspecific bindings 

and to provide a flexible orientation to the ligand [43].  
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Control experiments 

For controlling the force measurements, FD curves are recorded after incubating the cells 

sample in a solution of free ligands which is called blocking experiments. Consequently, the 

binding probability decreases, and this refers to the occupation of binding sites of receptors by 

the free ligands in the solution. For more confirmation, another control experiment can be done; 

the living cells are knocked out of the receptors’ genes [44]. Then, the FD curves are obtained on 

the knocked-out cells using ligand-coated tips. Knocking out the receptors’ genes dramatically 

reduces the number of detected recognition events. These control experiments confirm the 

specificity of receptor-ligand binding.  

Rupture force measurements 

To determine the specificity of the recognition interaction between the ligands and 

receptors, FD curves are recorded between the ligand-coated tip and the receptor at a certain 

retracting speed. The individual rupture force events are usually recorded over a selected cellular 

membrane area. The scanned area presents force-based map of the receptors’ distribution while 

the average rupture force is revealed from a histogram of the total recorded events (Figure 13A, 

B). Rupture force measurement is considered as an indicator for the strength of the investigated 

molecular interactions. These values reflect the atomic chemical forces contributing to the bond 

[45]; therefore, another complementary assay is provided at the atomic level.  

Imaging receptor’s distribution 

The AFM capabilities are not limited to only quantitatively describing the receptor-ligand 

interaction, but also to localize the receptors over the cell surface. Single-molecule force 

spectroscopy can be applied to locally identify the receptor-ligand binding on the living cell 

surface [38]. Detection and localization of receptors over the cell membrane provide insight into 
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the receptor’s population level, distribution, and binding strength to its ligands, which are critical 

information for designing effective drugs, for example targeting integrin receptors on the cancer 

cells using cRGD ligands [46].  

Receptor-ligand multiple interactions 

As shown in previous sections of this chapter, the ligands can discriminate specific 

receptors among several receptors and molecules on the cell membrane. Also, the receptor-ligand 

binding can be quantified by applying SMFS experiments. Moreover, the receptors’ coverage 

can be determined on cell surfaces. Thus, gaining this necessary information enables us to 

optimize the targeting affinity among single and multiple receptor-ligand binding to achieve 

binding selectivity among cells with different receptor expressions. Binding selectivity is 

enhanced with multiple bindings compared to single bindings.  

The force measurements can be performed with higher ligands concentration on the AFM 

tip. Following the SMFS procedure, the force spectroscopy measurements with higher ligands 

density on the tip reveal the number of bonds that formed between receptors and ligands in the 

rupture events. Collecting data in the form of histogram helps to determine the single and 

multiple binding (Figure 13C). In this case, multiple gaussian fittings can be applied to multiple 

peaks on the histogram. Hence, the peak with lowest force value of each distribution corresponds 

to a single bond, while the higher corresponds to multiple bonds, double or triple bonds. 

Fulfilling multiple bindings (multivalency) enhances the binding affinity for the receptors and 

their ligands.  
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Figure 13. Representative diagrams for analyzing and presenting single and multiple receptor-

ligand unbinding data. Rupture force measurements of single binding are represented as a 

histogram (A) corresponding to a map (B) of receptors’ distribution with color scale revealing 

the rupture force magnitude. Controlling the ligands density of the tip, multiple binding can be 

formed, and the rupture force measurements distribution shows a histogram with multiple peaks 

(C) such as double and triple binding. The successful binding events on the map (D) demonstrate 

the number wise of bonds corresponding to a color scale of force magnitude. The blue color in 

the histograms represents the data. The scale bar in the map is usually 100 nm which is 

appropriate for the highest resolution used for detecting membrane receptors. 

AFM-Tip Functionalization 

The AFM probe can be chemically modified by attaching the ligands to the probe 

surface. Functionalizing the AFM tips leads to create sensitivity towards the targeted receptors 

on the cellular membrane. The ligands-coated AFM tip can then be used to quantify the receptor-

ligand interactions or the distribution of the receptors over the cell surface. To prepare the AFM 

tips for SMFS measurements, the tips are cleaned first. Then, three subsequent steps are followed 

to functionalize the tips as described in the following sections. 
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Cleaning AFM tips 

The AFM tips have to be cleaned prior to functionalization according to a well-known 

protocol [47]. First, the silicon nitride (Si3N4) tips are extensively washed with chloroform and 

dried with N2. Then, the tips are washed with Piranha solution (H2SO4/30% H2O2, 7:3) or with 

nitric acid solution (10%) to remove any organic contaminants. Then, they are washed with 

deionized water and dried with N2. This allows generating more hydroxyl groups on the tip 

surface which makes it ready for the next step. 

Amino functionalization 

AFM-tip functionalization process starts with coating the tip with amine groups which is 

done by incubating the tip in ethanolamine hydrochloride in dimethyl sulfoxide (DMSO) 

solution overnight at room temperature [48]. Using DMSO as a solvent instead of other polar 

solvents (e.g., ethanol) prevents forming long and sticky polymers which results in sticky AFM 

tip. The silicon nitride AFM tip interacts with ethanolamine HCl/DMSO using silanol groups 

(Si-OH) that are naturally formed on the tip surface in the ambient condition after cleaning the 

tip. Immersing the hydroxylated AFM tip in this solution leads to produce amino groups (NH2) 

on the tip surface.  

Attaching linkers to AFM tip 

The second step of AFM tip functionalization is a crosslinker binding to the AFM tip. In 

receptor-ligand recognition experiments, it is necessary to use a flexible linker molecule to 

specify the binding of a certain membrane molecules from nonspecific tip-membrane adhesion 

[49]. The linker is attached to the tip surface first, then the targeting peptide is linked to the free 

end of the linker. Flexible polyethylene glycol (PEG) tethers have frequently been used as a 

linker because they are inert molecules and freely reorient. Also, PEG linkers can discriminate 
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specific interactions from non-specific probe-cell membrane adhesion due to their nonlinear 

stretching behavior. 

Generally, PEG linker uses an N-hydroxysuccinimidyl (NHS) ester function on one end 

to bind with amino group coating the AFM tip. To achieve that, the amino-coated tip is incubated 

in the PEG-linker solution for 2-4 hours, resulting in forming stable amide bond between NHS 

(of the PEG linker) and the NH2 group (on the AFM tip surface). Then, the tip is extensively 

washed in chloroform and dried with N2. The PEG free end has a functional group that should 

covalently be able to bind to the ligand. PEG linkers can be synthesized with different functional 

groups depends on which ligand needs to be conjugated to. 

Attaching ligand to a linker 

Finally, the AFM tip with PEG linkers is incubated in a solution of the targeting peptide 

molecules. In chapter 5, we used cRGD peptide to detect the presence of αv integrins on the 

living cell surface. PEG linker with Azido group on the free end was used where it covalently 

binds to the alkyne (hexynoic acid) moiety of the cRGD peptide by cycloaddition click 

chemistry.  

Controlling ligand concentration on the AFM tip 

The ligand density on the tip can be controlled to sufficiently low concentration by 

following well-established protocols [47]. To confirm that most of the recorded recognition 

events are single bindings, the density of ligands should guarantee 1 to 3 ligands per sufficient 

tip-sample contact area. The concentration of ligands can also be increased to achieve multiple 

interactions by increasing the linkers concentration. 
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Dynamics of Membrane Receptor-Ligand Interactions 

Information on the receptor-ligand complex dissociation dynamics and bond energy 

barriers can be derived from the single molecule dynamic force spectrum of the receptor-ligand 

bond [37] [50]. Measuring the rupture force using AFM at a constant tip speed demonstrates only 

a single point in the bond strengths spectrum. When the AFM tip speed changes, dynamic 

spectrum of bond strengths appears.  

As the force spectroscopy technique requires pulling the receptor-ligand bond during the 

measurement, it is indispensable to rely on the theoretical approach that describes the bond 

rupture under external force. In the absence of external force, the lifetime of a reversible bond is 

determined by the thermal energy of the surrounding. The lifetime is given by the inverse of off-

rate constant as: 𝜏(0) = 𝑘𝑜𝑓𝑓(0)−1. Applying an external force reduces the lifetime and as a 

result, the rupture force becomes measurable because of the bond resistance of detachment. 

The theoretical framework for our system started with Kramers theory in 1940 [51]. 

Kramers model, the transition state theory, describes a Brownian particle escape from the bound 

state to the unbound state crossing an energy barrier of a 1-dimensional energy landscape. The 

model also shows that the external applied force, affecting the reaction rates of transition, lowers 

the energy barrier. In Kramers transition theory, the escaping is induced only by thermal 

fluctuations.  

After that, the likelihood p(t) of the particle escape, between the two states in a potential 

U(x) at time t and coordination x, was described by Klein-Kramers’ equation [51] [52]:  

 
𝜕

𝜕𝑡
𝑝(𝑡) = 𝜅(𝑥, 𝑣, 𝑈(𝑡)) × 𝑝(𝑡) (1) 

where 𝜅 is the rate of escape.  
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Later in 1978, Bell’s model was introduced based on Kramers theory to describe the 

changed rate of bond dissociation under external forces for the first time [50]. In Bell’s model, 

the off-rate constant is defined as the natural oscillation frequency 𝑤0 times the likelihood of 

rupturing the bond under external force which is given as 

 𝑘𝑜𝑓𝑓(𝐹) = 𝑤0 × exp [
−(𝐸𝑏−𝐹.𝑥𝑏)

𝐾𝐵𝑇
] = 𝑘𝑜𝑓𝑓(0) × 𝑒𝑥𝑝 [

𝐹.𝑥𝑏

𝐾𝐵𝑇
] (2) 

Where F is the external force, 𝑥𝑏 is barrier width, and KBT is the thermal energy. Bell’s 

model has a significant insight into studying the bond rupture induced by mechanical force, but 

all energy landscape features are packed in the reaction coordinate x. Bell’s kinetic theory of 

bonds was applied for atoms in solid for the first time by Zhokov et al. [53]. Evans and Ritchie 

extended Bell’s model in 1997 based on Kramers transition theory and introduced a model that 

describes bond rupture under an external force, taking into account the distributions of 

experimentally measured rupture forces that result from the stochastic nature of the bond rupture.  

Starting from the first-order of the kinetic theory [52], the probability of breaking the 

bond in time interval dt is given by:  

 
𝜕𝑝(𝑡)

𝜕𝑡
= −𝑘𝑜𝑓𝑓(𝑡) × 𝑝(𝑡) (3) 

Solving the differential equation (3), with substituting the off-rate from equation (2) 

resulting in a distribution formula of rupture forces in terms of loading rate (df/dt) [37] [54] as 

follows: 

 𝑃(𝑡, 𝐹) = 𝑘𝑜𝑓𝑓(𝐹(𝑡)) × exp [− ∫ 𝑘𝑜𝑓𝑓(𝑇)𝑑𝑇
𝑡

0
] (4) 

In the elastic system of receptor-ligand binding, the applied force is linearly related to the 

time as 𝐹(𝑡) = 𝑘𝑒𝑓 × 𝑣 × 𝑡 = 𝑟 × 𝑡, where 𝑘𝑒𝑓 is the effective elastic constant of the system, 𝑣 
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is the retracting speed of exerting force, and r is the rate of force change. The effective spring 

constant for the system is given by (
1

𝐾𝑒𝑓
=

1

𝑘𝑠𝑎𝑚𝑝𝑙𝑒
+

1

𝑘𝑡𝑖𝑝
). 

In terms of the applied force, the probability distribution can then be written as a function 

of F, 𝑃(𝐹) =
𝑘𝑜𝑓𝑓(0)

𝑟
× exp [𝑓(𝐹)], and by applying the condition 

𝑑𝑃(𝐹)

𝑑𝐹
= 0, the most probable 

rupture force is given by [37] 

 𝐹 =
𝐾𝐵𝑇

𝑥𝐵
ln [

𝑟 .  𝑥𝐵

𝐾𝑜𝑓𝑓(0).𝐾𝐵𝑇
] (5) 

The most probable rupture force F of the receptor-ligand bond is obtained by fitting the 

measurements taken from AFM-based force spectroscopy experiments, at a certain tip retracting 

speed, to a Gaussian distribution. Applying different speeds causes variation in the bond strength 

value, appearing weak or strong depending on how fast the force is loaded.  

The dynamic force spectrum for receptor-ligand complex can be investigated using the 

force spectroscopy in a range that guarantees the cell safety. The speed of AFM tip is determined 

by changing AFM parameters prior performing the force measurements. Changing the AFM tip 

speed reveals the linear relationship between the average rupture force and the logarithm of force 

loading rate [37].  

As the average rupture force of receptor-ligand bond increases logarithmically with the 

loading rate, the dissociation rate constant 𝐾𝑜𝑓𝑓(0) and the energy barrier distance 𝑥𝑏 can be 

extracted from the slope and the intercept of the fitted linear curve between force and logarithm 

of loading rate (equation 5). Only one linear regime is noticed in the force and logarithm of 

loading rate relation, indicating that the dissociation of the complex has to pass one energy 

barrier from bound state to unbound state.  
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CHAPTER 4. DYNAMIC CELLULAR BIOMECHANICS IN RESPONSES TO 

CHEMOTHERAPEUTIC DRUG IN HYPOXIA PROBED BY ATOMIC FORCE 

SPECTROSCOPY1 

Introduction 

Cell surface plays important roles in fundamental cellular functions such as signaling, 

communication, adhesion, transport, and tumor metastasis [13] [55] [56] [57]. The cell surfaces 

dynamically interact with physical, chemical, and biological environments surrounding cells and 

thus, alteration in cell’s surface structure substantially influences overall cell functions [13] [58]. 

In particular, deformability of cells associated with cell shape, motility, and invasion has shown 

implications for cell death and cancer metastasis [59] [27], which is critical information for 

developing new anticancer drugs with increased efficacy in cancer chemotherapy [60] [61].  

Chemotherapeutics rely on the release of anticancer drugs at tumor sites and the 

anticancer drug-induced cancer cell death, which has been well-understood biochemically [59]. 

While a number of studies have shown the relationship between chemotherapy-induced cell 

death [59] [62] and alteration in cellular mechanics such as stiffness [27], the impact of drugs on 

biomechanical and biophysical properties of cancer cells is not fully understood yet. 

Furthermore, stiffness at the tissue-level is significantly affected by the tumor stage, 

invasiveness, and location within the tumor due to the deposition of extracellular matrix, which 

influences the cellular behavior and metastatic capacity at the single-cell level as well [63] [64] 

[65] [66]. Nevertheless, cancer cells at the metastatic sites or during epithelial mesenchymal 

 
1 The material in this chapter was co-authored by Lina Alhalhooly, Babak Mamnoon, Jiha Kim, 

Sanku Mallik, and Yongki Choi. Lina Alhalhooly was primarily responsible for designing 

experiments, performing experiments, collecting data, analyzing data, and drawing conclusions 

from the results. 
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transition (EMT) have become softer and more deformable through substantial rearrangements in 

the cytoskeleton [67] [68]. 

One of the primary drivers of EMT and metastasis is hypoxia defined as the oxygen low -

level environment. Hypoxia is the condition with oxygen low-level ranging from 0.3% to 4.2% 

oxygen in cell culture (2–32 mmHg), while normoxia is the condition of normal oxygen level in 

cell culture, approximately 20-21% oxygen (160 mmHg). Hypoxia can induce cytoskeletal injury 

and remodeling through the activation of the RhoA/ROCK signaling pathway by hypoxia-

inducible factor-1α [63] [69] [70]. Using breast tumors, Plodinec et al. has shown the correlation 

between hypoxia and the softness of cancer cells [63]. However, it is unclear whether hypoxia is 

the solely responsible for cancer cell softening without taking into account the surrounding 

tumor microenvironment. Hypoxia is also known to be involved in drug resistance through 

changes in cellular metabolism, drug detoxification efficiency, and genetic instability [71]. 

Thus, further information on dynamics of cellular elasticity, morphology, and adhesion, 

and correlation between them following exposure to the drugs is a key to expanding our 

knowledge of the drug effects on cancer cell physiology and enhancing the chemotherapeutic 

potential of drugs [72]. Furthermore, investigation of hypoxia on the efficacy of 

chemotherapeutic drugs is of major interest among biological and biomedical fields because 

hypoxic condition appeared in almost all solid tumors and increases the cancer cell survival and 

resistance to chemotherapy, leading to poor clinical outcomes [73] [74].  

A variety of biomechanical and biophysical assay approaches such as micropipette 

aspiration [19], optical and magnetic tweezers [20] [21], mechanical microplate stretcher [22], 

and atomic force microscopy (AFM) [75] have been used to assess the deformability of living 

cells. Among those, the AFM method has proven to be an ideal technique for investigating 
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nanoscale-resolution morphology and biomechanical properties of single cells in physiological 

solutions [13] [76] [24][1, 29, 30]. Furthermore, the functionalization of the AFM probe with 

selective ligands permits quantitative measurements of the structure and function of the 

intracellular components such as cytoskeleton, adhesion force and binding probability between 

membrane receptors and ligands [72]. Recently, the stiffness analysis of live metastatic cancer 

cells using the AFM method has demonstrated the applicability in distinguishing cancerous cells 

from normal ones [27]. Several studies using the AFM-based force measurements also have 

shown a significant change in cell stiffness with increasing metastatic efficiency in human cancer 

cell lines and chemotherapy exposure in leukemia cells [59]. 

In this chapter, we quantified the drug effects on the biomechanical and biophysical 

properties of four cancer cell lines: MDA-MB-231 triple negative breast cancer, PANC-1 

pancreatic cancer, PC-3 prostate cancer, and U-118 MG glioblastoma cell lines. The AFM force 

techniques were applied to trace time-dependent changes in cellular morphology, elasticity, 

roughness, and adhesion after exposure to standard chemotherapeutic drugs for each of the 

cancer cells: gemcitabine forPANC-1, doxorubicin for MDA-MB-231, vincristine for U-118 

MG, and mitoxantrone for PC-3. Comparison of such parameters in normoxia and hypoxia  

provides a fundamental understanding of the drug effect on cellular cytoskeletal structure and 

integrity and its dependence on the oxygen condition surrounding the microenvironment. 

Materials and Experimental Methods 

Cell culture 

The MDA-MB-231 triple negative breast cancer, PANC-1 pancreatic cancer, PC-3 

prostate cancer, and U-118 MG glioblastoma cell lines were purchased from American Type 

Culture Collection (ATCC, Manassas, VA). The cells were cultured in Dulbecco’s Modified 
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Eagle Medium (DMEM) supplemented with 10% fetal bovine serum (Avantar Seradigm) and 

1% v/v antibiotics (Penicillin, Streptomycin, Amphotericin B solution, Corning). All 

chemotherapy drugs including doxorubicin, gemcitabine, mitoxantrone, and vincristine were 

purchased from Sigma Aldrich. A humidified incubator containing 5% CO2 and 21% Oxygen at 

37°C was used for normal incubation (normoxia), while for hypoxic condition a chamber 

supplemented with 2% oxygen and 5% CO2 at 37°C was used (Biospherix C21, Parish, NY). 

Cell treatment 

All cell lines were cultured in T25 cell culture flasks to reach 80–90% confluency. The 

cells were then trypsinized (Thermo Fisher Scientific), counted, and seeded (40,000 cells) in 35 

mm glass bottom dishes (ibidi GmbH, Germany). The cells were incubated for 48 hours followed 

by the drug treatment. The MDA-MB-231, PANC-1, PC-3, and U-118 MG cells were treated 

with 5 μM doxorubicin, gemcitabine, mitoxantrone, and vincristine, respectively, for various 

times including 2, 4, 6, 8, 10, 12, 16, 18, and 24 hours under both hypoxic and normoxic 

conditions. The time intervals were determined based on the cell viability in each condition, 

which allows us to monitor a continuous change in biomechanical properties without missing 

any sudden change and determine time-dependent trends for them. At the end of treatment time 

points, the cells were washed with phosphate buffer saline (PBS) for 2 times and replenished 

with DMEM before AFM imaging and spectroscopy measurements. For cytochalasin D 

experiments, the PANC-1 cell line was seeded in the glass bottom dishes (40,000 cells per dish, 

4 dishes for each cell line) and pre-incubated for 48 hours. The cells were then separately treated 

with 5 μM cytochalasin D (Cayman Chemical, Ann Arbor, MI) for 45 and 60 minutes under 

normoxia, and for 60 and 90 minutes under hypoxia. At the end of treatment time points, the 
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cells were washed with PBS for 2 times and replenished with DMEM before AFM 

measurements.    

Cell viability 

Each cell line was seeded in 96-well cell culture plates (5,000 cells per well) and 

incubated overnight. The cells were then treated with different concentrations of doxorubicin, 

mitoxantrone, vincristine, and gemcitabine ranging from 0.5 to 15 µM. The cells were washed 3 

times with phosphate buffered saline after 12 and 24 hours. A mixture of the cell culture medium 

and Alamar Blue reagent (9:1 v/v ratio) was added into each well. After 5 hours, the fluorescence 

was measured with 560 and 595 nm excitation and emission wavelengths respectively, and the 

cell viability was calculated. 

Fluorescence microscopy 

The PANC-1 and MDA-MB-231 cells were seeded into 12-well cell culture plates (5,000 

cells per well) and incubated in either normoxia or hypoxia for 48 hours. The MDA-MB-231 

cells were then treated with 5 μM doxorubicin for 3 hours. Gemcitabine was loaded into 

nanocarriers composed of biocompatible and biodegradable polylactic acid (PLA) and 

polyethylene glycol (PEG) polymers, along with fluorescent lissamine-rhodamine dye, as 

previously described [77] [78]. Briefly, the PLA-PEG polymer and lissamine-rhodamine dye 

were mixed at a 95:5 molar ratio with 0.2 mg/ml gemcitabine solution. When the cells were 

treated with drug-loaded carriers for 3 hours, these carriers disintegrated and released 

gemcitabine. Due to the presence of fluorescent lissamine-rhodamine dye, the cells were 

identified under fluorescent microscopy. The PANC-1 cells were treated with 5 μM gemcitabine 

loaded into the nanocarriers for 3 hours. Subsequently, the cells were washed with PBS for three 

times. The nuclei of the cells were stained with Hoechst 33342 (NucBlue™, Invitrogen) dye. 
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Then, the cells were washed again with PBS for three times and a fluorescence microscope 

(Leica) was used for imaging. 

Atomic force microscopy 

The cell imaging and spectroscopy measurements were conducted using a commercial 

AFM (NT-MDT NTEGRA) with optical viewing system and V-shaped silicon nitride AFM 

probes with a spring constant of 0.08 N/m (Nanoworld) at room temperature. Cantilever spring 

was calibrated by the thermal noise fluctuation methods [79], and the deflection sensitivity of 

each tip was calibrated by force-distance curve measurements on the bare glass area of the petri 

dish. At least 5 cells at each condition were randomly selected for all imaging and other force 

measurements. To prevent the false measuring of already dying or dead cells due to the drug 

treatment, we excluded the cells that are loosely attached or floating. The scanning resolution 

was 256 × 256 pixels with a scan rate of 0.1–0.5 Hz, depending on the scanning areas of 

irregular cell size. The acquired images were flattened, if required, to eliminate the background 

noise and tilt from the surface using all unmasked portion of scan lines to calculate individual 

least-square fit polynomials for each line.  

Stiffness and adhesion measurements 

The FD curves were obtained on the central cytoplasmic region of cell surface. The 

approaching and retracting rates of probe were 1 μm/s for all measurements. Depending on the 

tip geometry (four-sided pyramid), the Young’s modulus can be extracted using 𝐹(𝛿) =

 (
𝐸

1−𝑟2

𝑡𝑎𝑛𝛼

√2
) 𝛿2, where E is the Young’s modulus, r is the Poisson’s ratio, and 𝛼 is the tip face 

angle. The Poisson’s ratio of 0.5 for typical soft biological samples and the tip face angle of 35° 

were used. The mean Young’s modulus was calculated by at least total 35 FD curves at each 
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time point, and the mean adhesion was obtained from a total of 60 adhesion measurements at 

each condition. 

Surface roughness measurements 

The analysis of the surface roughness of cells was carried out using the Image Analysis 

P9 software (NT-MDT) using acquired AFM images. The root-mean-square roughness Rrms was 

quantified, which was given by 𝑅𝑟𝑚𝑠 = √
1

𝑁𝑥𝑁𝑦
∑ ∑ 𝑍𝑖𝑗

2𝑁𝑥

𝑖=1

𝑁𝑦

𝑗=1
, where Zij = Z(xi, yi) is the height 

function defined over a rectangular area in the XY plane with a uniform grid of dimensions Nx 

and Ny and of steps Δx, Δy along the X and Y directions, respectively [80]. For each cell, at least 

five areas (2.5 × 2.5 μm2) on the central flat region were selected and analyzed. The mean 

roughness was calculated by a total of 125 roughness measurements at each condition. 

Statistical analysis 

All data were expressed as mean ± standard deviation and analyzed using the Prism 8 

(GraphPad software). The statistical significance was determined using analysis of variance 

followed by suitable post-hoc test. The p-values lower than 0.05 were considered statistically 

significant. 

Results and Discussion 

Measuring the biomechanical properties of four cancer cell lines 

As explained earlier in the background chapter, the force-distance curves display the 

direct interaction between the tip and cell surface, which allows us to compare the elastic 

responses of each cell. Compared to the force-distance curve of PANC-1 cell, more force is 

required for U-118 MG cells to indent at the same depth (d < 0 nm), implying that the cell 

surface of U-118 MG is relatively stiffer than PANC-1. By fitting the non-linear region of the 

force-distance curve to the Hertz model (black curves in Figure 14), the relative cell stiffness 
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(Young’s modulus, E) of individual cells was calculated (see the Background for more details) 

[27] [81] [82]. Given inhomogeneity of cells, the force-distance curves and the Young’s modulus 

were collected by taking multiple indentation measurements at different locations over the 

central cytoplasmic regions of individual cells at the same indentation depth (400 nm).  

 

Figure 14. Typical FD curves recorded during approaching process between the cantilever and 

cell surface of U-118 MG (red) and PANC-1 (blue) cells, along with the Hertz model (black), 

which allows to determine Young’s modulus E. 

To evaluate distribution of the cell elasticity, a histogram of the Young’s modulus was 

generated from 49 live PANC-1 cells, where 7 force-distance curves per cell were measured 

(Figure 15A). The histogram fits well to a Gaussian distribution, determining the mean E of 0.58 

kPa with a standard deviation (s. d.) of 0.06 kPa. Figure 15B compares the stiffness of four 

cancer cells pre-cultured in the media for 48 hours under normal condition (normoxia). The 

mean E of the cancer cells examined in this work ranged from 0.58 to 0.95 kPa, which agrees 

with previously reported E values of the cancer cells [83] [84] [85] [86]. Such low E values 

across cancer cells indicate that the cells are easily deformable, potentially increasing 

adaptiveness to the environment and metastatic capacity. 
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The mean E values (mean ± s. d.) for U-118 MG, MDA-MB-231, PANC-1, and PC-3 

cells were 0.95 ± 0.15 kPa, 0.61 ± 0.06 kPa, 0.58 ± 0.06 kPa, and 0.78 ± 0.11 kPa, respectively. 

These results suggest that U-118 MG and PC-3 cells are relatively stiffer than MDA-MB-231 

and PANC-1 cells, while the stiffness of MDA-MB-231 and PANC-1 cells revealed no statistical 

differences (P > 0.05).  

 

Figure 15. Young’s modulus E for live cancer cells. (a) Histogram of E for PANC-1 cells (n = 49 

cells; 7 force-distance measurements per cell) pre-incubated in normoxia for 48 hours and its fit 

to Gaussian distribution. (b) Comparison of Young’s modulus E for four different cancer cells 

(U-118 MG, n = 9; MDA-MB-231, n = 10; PANC-1, n = 49; PC-3, n = 10; 7 force-distance 

measurements per cell) pre-incubated in normoxia for 48 hours. Data are mean ± s.d. ns, not 

significant by Student’s t-test. 

Time-dependent elasticity measurements under drug treatment in normoxia and hypoxia 

After initial assessments of cell stiffness, stiffness kinetics following exposure to 

chemotherapeutic drugs were examined under two oxygen abundancy-dependent conditions: 

normoxia and hypoxia. The measured Et values for each time point were converted to a 

normalized E (= Et/Et=0) using the Et=0 values in Figure 15B, in order to compare relative 

changes in E. Each cancer cell line was pre-cultured in the media for 48 hours under normoxic 

condition prior to time-dependent experiments. 



 

37 

Brain cancer cell line 

In control measurements performed in normoxia (Figure 16, blue curve) and hypoxia 

(Figure 16, green curve), the stiffness of U-118 MG (brain cancer cell line) cells exhibited little 

or no changes in both conditions during 24 hours of measurements. The linear regression 

analysis to both measurements revealed that trends of E values were not significantly different (P 

> 0.05). These observations indicate no significant changes in the cell stiffness during 24 hours 

of additional culture in hypoxic condition after 48 hours of pre-culture in normoxia. Considering 

the inherent hypoxic tumor microenvironment of glioblastoma [87], cancer cells are expected to 

be adapted to the hypoxic culture condition, and thus, no significant changes were recorded in 

biomechanical properties. 

Following exposure to the chemotherapeutic drug vincristine, the stiffness of U-118 MG 

cells was significantly decreased in a time-dependent manner for both normoxia and hypoxia. 

The E value began to slowly decrease within the first 4 hours of exposure, and then rapidly 

dropped to ~42% of the initial E value until 10–12 hours of exposure in normoxia (Figure 16, red 

curve). 

After 12 hours of drug treatment, the mean E and one standard deviation were 0.40 and 

0.13 kPa, respectively. 
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Figure 16. Time trace of normalized Young’s modulus E in normoxia and hypoxia. The blue and 

green square represent the normalized E of untreated, control cells of U118 MG in normoxia (n = 

5) and hypoxia (n = 5), respectively. The red and orange represent the normalized E of U-118 

MG cell exposed to vincristine in normoxia (n = 5) and hypoxia (n = 5), respectively. Data are 

mean ± s.d. 

While a similar trend of E was observed in hypoxia after vincristine treatments, the 

overall decrease was slower and gradual over 24 hours of exposure time (Figure 16, orange 

curve). When cells were treated in hypoxia, it took twice as long to reach the lowest E value (~ 

0.45 kPa) compared to cells treated in normoxia. 

The chemotherapeutic drug vincristine is a potent microtubule-destabilizing agent and 

widely used to treat several types of cancers [88] [89]. The disruption of microtubules leads to 

reorganization of cytoskeletal structures and change in the cell integrity. Previous research has 

shown that, due to the depolymerization of cytoskeleton, the stiffness of several cancer cells and 

peripheral sensory neurons decreases and becomes more elastic after treating them with 

vincristine [90], which is consistent with our observation of significant changes in vincristine-

treated cell stiffness. Interestingly, our data show that the stiffness changes are much slower in 

hypoxic condition. This result suggests that hypoxia could contribute to drug resistance by 

delaying the biomechanical dysregulation process induced by the drug. 
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Breast, pancreatic, and prostate cancer cell lines 

To further investigate the relationship between a chemotherapeutic drug-induced change 

in stiffness and cancer type, three additional cancer cells were examined: breast, pancreatic, and 

prostate cancer cell lines. The time-traced, control measurements of stiffness for three cancer 

cells in normoxia and hypoxia were analogous to those obtained with U-118 MG cells (Figure 

17–18). These results suggest hypoxia itself has no significant effect on the biomechanical 

structure of cancer cells. Next, each cell line was exposed to standard chemotherapeutic drugs 

including doxorubicin (MDA-MB-231), gemcitabine (PANC-1), and mitoxantrone (PC-3), and 

traced in normoxia and hypoxia by serial, single-cell stiffness measurements over 12–24 hours. 

In case of MDA-MB-231 and PANC-1, the E values were significantly decreased upon exposure 

to the drugs in time-dependent fashion.  

In normoxia, both cells became approximately 14–18% less stiff after every 2 hours of 

exposure and reached the lowest E values of 0.15–0.25 kPa within 12 hours of exposure. While 

the stiffness of both treated cells was reduced in a time-dependent manner in hypoxia, the 

decreasing rate of E was approximately 30–36% lower than in normoxia. Although the rates are 

slightly different for each cell, the overall changes in stiffness of three cancer cells (U-118 MG, 

MDA-MB-231, and PANC-1) in hypoxia were consistent with exposure to the chemotherapeutic 

drugs and their exposure time. 
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Figure 17. Time trace of normalized Young’s modulus E after exposure to 5 µM drugs in 

normoxia and hypoxia. The blue and green square represent the normalized E of untreated, 

control cells of MDA-MB-231(a) and PANC-1(b) in normoxia (n = 5 per cell line) and hypoxia 

(n = 5 per cell line), respectively.  The red and orange represent the normalized E of MDA-MB-

231 cell exposed to doxorubicin and PANC-1 exposed to gemcitabine in normoxia (n = 5 per cell 

line) and hypoxia (n = 5 per cell line), respectively. Data are mean ± s.d. 

Similar to vincristine, doxorubicin and gemcitabine are two of most effective 

chemotherapy drugs for several cancer treatments. While both drugs are well known to inhibit 

DNA synthesis [89] [91], a number of action mechanisms have been proposed for drug-mediated 

cell deaths. For example, doxorubicin was shown to intercalate nucleic acids and participate in 

depolymerization of actin filaments, destabilization of cytoskeletal structures, thus reducing the 

biomechanical strength of a cell, such as stiffness [92] [80]. A significant decrease of Young’s 

modulus and a change in cellular morphology of lung cancer cells treated by methotrexate, 

classified as an antimetabolite like gemcitabine, were also previously reported [93]. Thus, our 

observations of the reduced stiffness of MDA-MB-231 and PNAC-1 cells following exposure to 

drugs demonstrate that these types of chemotherapeutic drugs eventually induce disruption of 

cytoskeletal structure by either direct or indirect interaction with cytoskeletal components. 

Furthermore, our results from elastic measurements of all cancer cells in hypoxia indicate that 

the cancer cells adapt to hypoxic microenvironment and become more resistant to the drug. 
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Interestingly, PC-3 cells exhibited a reversed trend: the stiffness of PC-3 cells began to 

increase after exposure to the chemotherapeutic drug mitoxantrone (Figure 18). In normoxia, cell 

stiffness increased significantly after 6 hours of treatment and reached a two-fold increase by 12 

hours. Similarly, cell stiffness increased in hypoxia in a time-dependent manner, except 

stiffening took nearly twice longer compared to normoxia.  

 

Figure 18. Time trace of normalized Young’s modulus E in normoxia and hypoxia. The blue and 

green square represent the normalized E of untreated, control cells of PC-3 in normoxia (n = 5) 

and hypoxia (n = 5), respectively. The red and orange represent the normalized E of PC-3 cells 

exposed to mitoxantrone in normoxia (n = 5) and hypoxia (n = 5), respectively. Data are mean ± 

s.d. 

Note that PC-3 cells treated with mitoxantrone for 12 hours in normoxia and 24 hours in 

hypoxia were loosely attached on the substrate, or completely detached from the substrate and 

floating, which limited further evaluation of the cell stiffness beyond this time point. While the 

drug treatment exerted the opposite effect on cellular stiffness in the case of PC-3 cells, hypoxia 

played a similar role in attenuating changes of the biomechanical property of cells upon drug 

treatment.  
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Like other chemotherapeutic drugs, mitoxantrone targets an enzyme to mediate DNA 

damage. This drug interferes with the action of DNA topoisomerase II associated with many 

DNA metabolic events such as transcription and replication [94].  

Despite the similarity in the action mechanism of doxorubicin and mitoxantrone, the 

reverse results from stiffness measurements with PC-3 cells following treatment with 

mitoxantrone suggest that mitoxantrone induces further polymerization of cytoskeletal filaments 

and thus increases cell stiffness. Similar findings have been previously reported; antitumor 

antibiotic topotecan treatments with several patient metastatic tumor cells led to an increase in 

stiffness [95] and treating leukemia cells with either dexamethasone or daunorubicin resulted in 

increased cell stiffness by nearly two orders of magnitude [59]. Thus, drug-induced 

biomechanical reinforcement could be dependent on the type of cancer cells and 

chemotherapeutic drugs, though the underlying mechanism is unclear. 

Drug-dose and treatment time optimization 

The optimal dose and time of drug treatment associated with a change in the cell’s 

stiffness was determined by our dose-response curves with viability for each cell line (Figure 

19). Half-maximal inhibitory concentration (IC50) was calculated for each cell line where the 

cells were treated with different drug concentrations as shown in Figure 16−18, indicating the 

drug efficacy in timely manner. Using the cellular viability values, we were able to determine the 

time range of drug exposure for our measurements. 
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Figure 19. Viability of (a) PC-3, (b) MDA-MB-231, (c) U118 MG, and (d) PANC-1 cells treated 

with mitoxantrone, doxorubicin, vincristine, and gemcitabine, respectively for 24 hours. 

Accordingly, the majority of treated cells underwent deformation after 12 hours in 

normoxia, which can be seen as a small, rounded shape of cells either loosely attached on the 

substrate or completely detached from the substrate (Figure 20).  
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Figure 20. Optical images of MDA-MB-231 cells before and after 12 hours of exposure to 

doxorubicin in normoxia beside AFM images for MDA-MB-231, U-118 MG, and PC-3 cells 

before and after 12 hours of treatment in normoxia. The scale bars are 20 µm. 

Also, the central cytoplasmic region of cells was not identifiable due to the changes in 

cellular morphology after 12 hours of treatment, further limiting the evaluation of cell stiffness 

beyond this time point. 

Biochemical and metabolic alteration of hypoxia on the cellular cytoskeleton 

Hypoxia induces the gene expression patterns through hypoxia-inducible transcription 

factors and activates the expression of numerous hypoxia-response genes including cell 
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adhesion, extracellular matrix, and cytoskeleton [96] [97]. For example, hypoxia influences 

expression and activation of Rho guanosine triphosphatases, which plays an important role in the 

regulation of the actin cytoskeleton [98]. However, dynamics and quantification of cytoskeletal 

changes are complex and differ from cells to cells. Furthermore, the interplay between hypoxia 

and chemotherapeutic treatments remains unclear. Our observations (Figure 16 − 18) suggest 

that drug-induced cytotoxicity could stimulate and accelerate such hypoxic effects on 

cytoskeletal regulation, leading to a gradual change in the stiffness.  

Hypoxia itself, on the other hand, induced little change to stiffness in the absence of 

drugs, suggesting that either biochemical or metabolic processes associated with hypoxia could 

be a slow process. Otherwise, the interplay between hypoxia and microenvironmental factors 

including drug-induced cytotoxicity might be a key to activating and accelerating the processes. 

In addition, several studies have shown that tumor tissues are considerably more rigid compared 

to the normal tissue due to the stiffening of the peripheral tumor stroma [65] [66]. Thus, the 

stiffness of individual cancer cells determined by the changes of intracellular cytoskeletal 

structure may not be directly reflected in the overall stiffness of tridimensional tumor tissue, 

which relays on the alteration of the tumor stroma, rather than cancer cells [63].  

Morphological changes due to drug treatment in normoxia and hypoxia 

To examine the relationship between cell biomechanics and cell structures induced by 

chemotherapeutic drugs, the morphological changes of cancer cells were also investigated. Two 

parameters including cell body height and roughness were quantified and compared for 

individual cells before and after drug exposure for 12 hours in normoxia and 16–24 hours in 

hypoxia. The representative AFM images of control and treated PANC-1 cell display significant 

morphological changes after chemotherapeutic drug exposure (Figure 21).  
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Figure 21. The drug-induced morphological alteration in cancer cells. An example deflection 

image of a live PANC-1 cell before (left) and after (right) gemcitabine treatment for 12 hours 

under normoxia. The scale bar is 5 µm. The cross-section analysis (yellow lines in the AFM 

images) shows changes in cell body height and roughness. 

First, the cross sectional analysis of AFM images along the central cytoplasmic region of 

the cell revealed that the cell body decreases in height after exposure to drugs for U-118 MG, 

PANC-1, and MDA-MB-231 cells (Figure 22A). The apparent height was reduced by 13–25% 

from the initial height in both normoxia and hypoxia, but the changes in cell body height were 

indistinguishable between normoxia and hypoxia (P > 0.05). These results are consistent with 

stiffness changes for those cells, reflecting that the alteration in cell morphology is coupled with 

disruption of the cytoskeleton structure induced by drug treatments. Second, the roughness of 

individual cells was analyzed before and after treatments (Figure 22B), which is a sensitive 

measure of the structure and integrity of membrane-cytoskeleton interface [99]. The root-mean-

squared roughness of those cells after exposure to chemotherapeutic drugs was increased by 39–

75% as compared to non-treated cells. These observations imply that the structure of the cell’s 

surface became less homogeneous and lost its structural integrity because of the 
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depolymerization of cytoskeletal filaments associated with drug-induced cell death process [90] 

[100] [101]. 

 

Figure 22. Alteration in (a) apparent cell height above the cytoplasmic region (n = 5 per group), 

and (b) surface roughness obtained from non-curved region of cell image (n = 5 per group). Data 

are mean ± s.d. The mean height and roughness of treated cells in normoxia and hypoxia were 

significantly different from that of untreated control cells (P < 0.05 by ANOVA) except as 

otherwise indicated by ns (not significant by ANOVA). 

Despite the substantial increase in stiffness of PC-3 cells after mitoxantrone treatments, 

no significant change in cell body height and roughness of cell surface was observed in neither 

normoxia nor hypoxia following exposure to the drug. As might be expected, the reinforcement 

of cytoskeletal structure does not appear to alter the apparent cell morphology. 
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Figure 23. Non-specific adhesion (n = 6 per group) between the AFM probe and cell surface 

before (blue) and after exposure to the drugs in normoxia for 12 hours (red) and hypoxia for 16 - 

24 hours (orange). Data are mean ± s.d. The mean adhesive force of treated cells in normoxia 

and hypoxia were significantly different from that of untreated control cells (P < 0.05 by 

ANOVA) except as otherwise indicated by ns (not significant by ANOVA). 

In addition to apparent changes in cell morphology, variations of cell surface adhesion 

were examined to understand the relationship between cellular elasticity and adhesive force. The 

adhesion force spectroscopy between the AFM cantilever tip and the cell surface was recorded 

while retracting the tip from cell after reaching the target indentation depth of 400 nm (Figure 

24).  

Like morphology measurements, the three cancer cells (U-118 MG, MDA-MB-231, and 

PANC-1) exposed to the drugs exhibited a significant decrease in non-specific adhesion between 

tip and cell surface in both normoxia and hypoxia (Figure 23). Such changes are attributed to 

alterations in adhesive membrane molecules associated with degradation of the cytoskeletal 

structure induced by the drugs [102]. Therefore, these cells ultimately lose adhesion completely 

and are separated from the substrate, making them more round and a balled-up shape was 

observed in microscopic images (Figure 20).  



 

49 

Notably, the adhesion analysis for PC-3 cells also exhibited reduced cellular adhesion 

when exposed to mitoxantrone, which could be due to down-regulation in expression of the cell 

signal molecules and disruption of focal adhesion during the cell death process [103]. These 

results suggest that adhesion is independent of type of cancer cells and drugs, and it could be 

considered as an indicator of drug-induced apoptotic cell death. 

 

Figure 24. An example of FD curve obtained from the PANC-1 cell, showing approach (red) and 

retract (blue) curve. When the tip is retracted from the cell surface, adhesion events take place as 

shown a sawtooth-like shape. The adhesion force was determined as difference between force 

values at zero-force line of the FD curve and at the negative minimum of the FD curve (black 

arrow). 

Experimental control 

Cellular uptake effectiveness of drug in normoxia and hyoxia 

To rule out the possibility that attenuated cellular response to the drug in hypoxia is due 

to less efficient drug delivery into the cells, we investigated the amount of drug uptake   by cells 

in normoxia and hypoxia (Figure 25). Intrinsically fluorescent doxorubicin [104] [105] and 

gemcitabine loaded into lissamine rhodamine nanocarriers were used for the detection of drugs 

using fluorescence microscopy (see “Materials and Methods” for more details) [77] [78]. After 3 

hours of drug treatment, nuclear localization of drugs was observed. In both cell lines, more than 
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95% of the cells treated with drugs showed fluorescence localized within the nucleus (Figure 

25), indicating oxygen levels did not affect the drug uptake. Considering that there was no 

difference in cell stiffness between normoxia and hypoxia without drug treatments, the milder 

stiffness change is likely due to the specific interaction of drugs with DNA and cytoskeletal 

components in hypoxia. 

 

Figure 25. Drug uptake efficiency in normoxic and hypoxic conditions. MDA-MB-231 and 

PANC-1 cells were treated with doxorubicin and gemcitabine for 3 hours, respectively. Both 

drugs are detected by Texas Red (TXRED) filter using a fluorescence microscope. Nuclear 
localization of the drugs is confirmed by colocalization with Hoechst 33342. Scale bar (50 µm 

for MDA-MB-231 and 100 µm for PANC-1) is applied to all images. 

Biomechanical and morphological alterations in response to cytoD drug in normoxia and 

hypoxia 

Finally, we have examined changes in biomechanical parameters of cancer cells exposed 

to an inhibitor of actin polymerization cytochalasin D in normoxia and hypoxia [106]. The 

PANC-1 cells became less stiff under increasing duration of exposure to cytochalasin D, and the 

decrease of stiffness was slower in hypoxia than normoxia (Figure 26).  
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Figure 26. Alteration in biomechanical properties of PANC-1 cells exposed to 5 µM cytochalasin 

D (CytD) in normoxia and hypoxia. Time trace of Young’s modulus E in normoxia (n = 5) and 

hypoxia (n = 5) after exposure to cytochalasin D. 

Also, morphology and non-specific binding force measurements of the cells exposed to 

cytochalasin D showed a reduction in cell height and cellular adhesion, but an increase in cellular 

roughness (Figure 27).  

 

Figure 27. Normalized values of cellular height, roughness, and adhesion measured after 

exposure to cytochalasin D in normoxia for 60 minutes (n = 5) and hypoxia for 90 minutes (n = 

5). Data are mean ± s.d. The mean height, roughness, and adhesive force of treated cells in 

normoxia and hypoxia were significantly different from that of untreated control cells (P < 0.05 

by ANOVA). 
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Similar changes in biomechanical properties of MDA-MB-231 cells treated with 

chemotherapeutic drugs and cytochalasin D suggest that the drug-induced cytotoxicity is partly 

due to dynamic changes in the cytoskeletal structure (Figure 28) [107] [108].  

 

Figure 28. Alteration in biomechanical properties of MDA-MB-231 cells exposed to 5 µM 

cytochalasin D (CytD) in normoxia and hypoxia. (a) Time trace of Young’s modulus E in 

normoxia (n = 5) and hypoxia (n = 5) after exposure to cytochalasin D. (b) Normalized values of 

cellular height, roughness, and adhesion measured after exposure to cytochalasin D in normoxia 

for 60 minutes (n = 5) and hypoxia for 90 minutes (n = 5). Data are mean ± s.d., ns, *, P < 0.05; 

**, P < 0.01; ***, P < 0.001; ****, P < 0.0001 by ANOVA. Statistics between normoxia and 

hypoxia showed no statistical difference (ns). 

Also, hypoxia attenuated the cytoskeletal changes, which might contribute to drug 

resistance in the context of the tumor microenvironment. Although it is difficult to generalize 

drug effects on biomechanical and biophysical parameters of cancer cells, a combination of these 

parameters could help identify and distinguish the drug-induced apoptotic process in normoxia 

and hypoxia. 
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CHAPTER 5. MULTIVALENT INTERACTION BETWEEN cRGD AND αv-INTEGRIN 

ON PANREATIC CANCER CELLS PROBED BY SINGLE MOLECULE FORCE 

SPECTROSCOPY2 

Introduction 

Cancer cells activate particular signals to regulate deformability of cytoskeleton structure 

during epithelial mesenchymal transition for tumor invasion, progression, metastatic expansion 

[109].  Recent studies of cellular biomechanics have demonstrated the remarkable difference in 

biomechanical properties (e.g., stiffness, morphology, roughness, adhesion) between normal and 

cancer cells, as well as their response to the chemotherapy drugs in hypoxia [110].  In addition, 

cancer cells elevate the expression of membrane proteins and receptors for amplifying cell-to-

cell signaling and cell-to-extracellular matrix (ECM) adhesion [111] [112].  Thus, the distinct 

expression patterns and levels of plasma membrane proteins have been identified one of the most 

promising biomarkers for cancer diagnosis and attractive candidates for membrane-targeted 

anticancer drug development and delivery [113]. 

Integrins are heterodimeric, transmembrane adhesion proteins and mainly involve 

interactions to other cells and ECM.  By regulating expression and activity of integrins, tumor 

cells control affinity to their environment and increase their migration, invasion, proliferation, 

and survival implicated in tumor progression and metastasis [114].  Although two subunits of 

integrins, 18 alpha and 8 beta subunits for human [115], offer a variety of heterodimer 

combinations (e.g., α1β1, α2β1, αVβ1), multiple integrins adhere to common ECM component such 

 
2 The material in this chapter was co-authored by Lina Alhalhooly, Matthew Confeld, Babak 

Mamnoon, Sanku Mallik, Yongki Choi. Lina Alhalhooly was primarily responsible for designing 

experiments, performing experiments, collecting data, analyzing data, and drawing conclusions 

from the results.  
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as fibronectin and laminin at the interface between them because of the ligand specificity of α 

subunit.  In particular, a short amino acid sequence of cyclic arginine-glycine-aspartic acid 

(cRGD) motif is recognized as a common integrin-binding motif on target ligands [114].   

Recent integrin studies have revealed that the integrin expression patterns and profiles are 

closely correlated with metastatic propensity of tumors [116]. For example, distinct expression of 

integrin αv, along with its binding partners β3 and β5, was found in exosomes isolated from 

pancreatic cancer cell lines that metastasize primarily to liver  [117].  For this reason, cRGD-

based strategies to target integrin αV heterodimers have been extensively studied for cancer 

therapy, imaging, and diagnosis: nanocarriers grafted with cRGD peptide have proven 

advantageous in delivering anticancer drugs, peptides, proteins, nucleic acids, and irradiation 

[118].  Although many cRGD-nanocarriers have demonstrated the successful tumor targeted 

delivery, more progress requires to be translated from a large number of preclinical studies of 

nanomedicine field.  One effort must be a better understanding of molecular interactions 

principles between cRGD and integrin, which provides quantitative information about binding 

selectivity and affinity and help design more effective and enhanced carrier materials and 

structure.  

Atomic force microscopy (AFM)-based, force measurements have been widely applied to 

probe and quantify intermolecular recognition and dynamic interactions between cRGD and 

several integrin receptors.  The functionalization of the AFM probe with either the cRGD ligand 

or cells allowed quantitative measurements of binding probability between the ligand and its 

receptor on cell membrane, as well as force mapping of receptors distribution on the cell surface.  

For example, direct force measurements of the interactions between the integrin α5β1 and RGD 

containing fibronectin fragment were acquired by attaching cells to the AFM probe, results from 
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which agreed with the force measurements performed with RGD ligand-integrin α5β1 on 

biomimetic, artificial membrane system [119].  Direct measurements on debonding force 

between the RGD peptide and human platelet integrin αIIbβ3 receptors have been also studied 

[120].  From force-distance spectra analysis, single ligand-receptor force and the dissociation 

off-rate in the absence of the external force were estimated to be ~ 93 pN at a loading rate of 12 

nN/s and 33.5 – 0.012 s-1, respectively.  However, dynamic interactions between cRGD ligand 

and αv integrins on live cell membranes at a single-molecule level have not been well explored, 

which is a critical to enhance binding specificity and affinity for the development of rapid and 

sensitive integrin-targeted chemotherapy. 

In this work, we quantified the unbinding force between cRGD-peptides and integrin αv 

at single-bond resolution and compared the force map of integrin distribution on three human 

pancreatic cancer cell lines: PANC-1, BxPC-3, and MIA PaCa-2.  By varying loading rates, the 

dissociation off rates of the ligand-receptor bond and the change in Gibbs free energy between 

bound and the transition state (energy barrier) in the presence and absence of the external force 

were examined.  Furthermore, multivalent effects (multiple bindings of receptor-ligand 

interactions) of the cRGD ligand on the integrin interactions, along with the thermodynamic 

parameters and free energy landscape alteration during synchronous and asynchronous unbinding 

processes of multiple cRGD, were also examined.  

Materials and Experimental Methods 

Cell culture 

To conduct the investigations, all four cell lines (PANC-1, BxPC-3, MIA-PaCa-2, and 

hTERT-HPNE) were initially obtained from the American Type Culture Collection (ATCC). 

Cells used were kept under 10 passages and cultured based on ATCC recommendations in a 
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VWR 25 cm2 culture flask. Glass bottom culture dishes with a 35 mm glass center were washed 

with 70% ethanol and UV sterilized for one hour inside a biosafety cabinet. Two days before 

imaging, approximately 40,000 cells suspended in 1 mL of their respective media were seeded 

onto the confocal microscopy dishes. Prior to imaging, the cell culture media was removed, and 

the dish washed three times using phosphate buffered saline. 

Tip functionalization 

Three chemical reactions need to be performed in order to functionalize the AFM tips. 

The first reaction is amino functionalizing. Then, the amino-coated tip is linked to Azido-

dPEG®
12-NHS (PEG: polyethylene glycol) which was purchased from Quanta Biodesign. First, 

Si3N4 tip is amino functionalized by immersing the cantilever in ethanolamine 

hydrochloride/DMSO solution overnight at room temperature, where the solution is prepared by 

dissolving 3.3g ethanolamine hydrochloride in 6 mL DMSO while heating to 60°C in a glass 

beaker. Before immersing the cantilever in the solution, the cantilever is washed with 

Chloroform, dried with Nitrogen gas, placed in Ozon cleaner, washed again with water and 

ethanol, and dried with Nitrogen. Second, the amino-coated tips are incubated in the PEG-linker 

solution for 2 hours. PEG linker compound is dissolved in Chloroform with 6.6 mg/mL 

concentration. After that, the cantilever is extensively washed in Chloroform and dried with 

Nitrogen. 

Finally, the copper complex catalyst was made by mixing copper (II) sulfate (72 mg) 

with N,N,N’,N’,N”–penthamethyl diethylenetriamine (PMDETA) (442 µL) were added to 3 mL 

dionized water and mixed for 2 hours. Ascorbic acid solution (1.4 µmol) was prepared with 

deionized water. The synthesized cRGD peptide (1mg) was first dissolved in 100 µL of DMSO 

and 900 µL of deionized water was added. To the peptide mixture, 16 µL of both copper 
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complex and sodium ascorbate were added. The reaction mixture was then added to a confocal 

dish containing the AFM tips. The dish containing the AFM tips was then slowly rocked for 24 

hours at room temperature. 

 Synthesis and characterization of the cRGD peptide 

Microwave-assisted, solid-phase peptide synthesis was carried out using a Liberty Blue 

(CEM Corporation) synthesizer.  The resin used was a Rink amide (purchased from CEM 

Corporation).  The sequence hexynoic acid-Cys(Acm)-Arg(Pbf)-Gly-Asp(OBtu)-Lys(Boc)-Gly-

Pro-Asp(OBtu)-Cys(Acm)-OH was synthesized without the final deprotection step.  To cyclize, 

0.1 mmol thallium trifluoroacetate in DMF (5 mL) was stirred with the peptide-resin conjugate 

for 1 hour.  The resin was then washed with DMF and dichloromethane 3 times.   

Next, the peptide was cleaved from the resin using trifluoroacetic acid (19 mL), distilled 

water, (0.5 mL), and triisopropylsilane (0.5 mL) for 2 hours.  Whatman Grade 1 qualitative filter 

paper was used to collect the peptide in a 50 mL centrifuge tube to which 30 mL of ice-cold 

diethyl ether was added.  The precipitate was collected and dried in a vacuum desiccator 

overnight.  The dried product was then characterized by MALDI-ToF mass spectrometry 

(observed mass: 1041.42, expected mass: 1042.43, elemental composition C41H64N14O14S2). 

Synthesis of cRGD peptide–Cy5 conjugate 

The Cy5 Azide (Sigma-Aldrich) was reacted with the alkyne (hexynoic acid) moiety of 

the cRGD peptide using Click chemistry (1:1 molar ratio peptide to Cy5-Azide).  The copper 

complex was made by mixing copper (II) sulfate with N, N, N’, N’, N”–pentamethyl 

diethylenetriamine (PMDETA) for 2 hours.  Ascorbic acid solution (1.4 µmol) was prepared in 

distilled water.  The reaction mixture was then stirred for 24 hours at room temperature.  The 
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mixed solution was then transferred to a 1000 kD dialysis bag and dialyzed against water for 72 

hours to remove the catalyst (PMDETA and ascorbic acid) as well as unreacted cRGD peptide. 

Cell fluorescent imaging studies  

5,000 pancreatic cells were transferred to an 8-well glass coverslip (ibidi µ-slide 8-well 

glass bottom).  Cells were incubated overnight to allow for attachment to coverslip. New media 

was added along with 100 µM cRGD-Cy5. The cells were incubated with cRGD-Cy5 for 2 

hours.  Post incubation, cells were washed three times with phosphate buffered saline and then 

fixed with 4% paraformaldehyde. Cellular actin was stained using phalloidin-488 (Biotium) 

manufacturer protocol. The cell nucleus was stained using NucBlue™(Invitrogen). Cells were 

imaged using a Zeiss Axio Observer Z1 LSM 700 microscope with a 40x objective.  Images 

were subsequently analyzed using Imaris Ultimate (ver 8.3). 

AFM measurements 

The cell imaging and spectroscopy measurements were conducted using a commercial 

AFM (NT-MDT NTEGRA) (Figure 29) with optical viewing system and V-shaped silicon 

nitride AFM probes with a spring constant of 0.08 N/m (Nanoworld) at room temperature. 

Cantilever spring was calibrated by the thermal noise fluctuation methods [62], and the 

deflection sensitivity of each tip was calibrated by force-distance curve measurements on the 

bare glass area of the petri dish.  
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Figure 29. Atomic force microscope (NT-MDT NTEGRA). 

At least 5 cells at each condition were randomly selected for the force measurements. To 

prevent the false measuring of already dying or dead cells due to the drug treatment, we excluded 

the cells that are loosely attached or floating. The scanning resolution was 256 × 256 pixels with 

a scan rate of 0.1–0.5 Hz, depending on the scanning areas of irregular cell size. The acquired 

images were flattened, if required, to eliminate the background noise and tilt from the surface 

using all unmasked portion of scan lines to calculate individual least-square fit polynomials for 

each line. 

Functionalizing silicon chips and validating ligands density 

The same functionalization protocol described previously (chapter 3) was followed to 

functionalize silicon chips instead of silicon tips, except attaching cRGD molecules. Instead, we 

fluorescence labeled the PEG linker free end of azido group to AlexaFluor 674 alkyne molecules 

(CCT). Four chips were coated with the PEG linkers, two with 6.6 mg/ml concentration and two 
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with 8 mg/ml. Then, the chips were imaged by the fluorescent microscope (fluorescent 

microscope type), and finally the light intensity of fluorescent images were measured over at 

least five areas on each chip using ImageJ 1.53e software.  

Functionalizing silicon chips and validating ligands attachment 

The same functionalization protocol described previously was followed to functionalize 

silicon chips instead of silicon tips. In this experiment, cRGD molecules were labeled with 

AlexaFluor 647 NHS ester (CCT) through their lysine amino acids of its side-chain amine group. 

Then, cRGD molecules were attached to the PEG linkers coating the chip. Here, the used PEG 

linker concentration was 6.6 mg/ml. Then, two coated chips were imaged by the fluorescent 

microscope (fluorescent microscope type), and finally the light intensity of fluorescent image 

was measured over at least five areas on each chip using ImageJ 1.53e software. 

Statistical analysis 

All data were expressed as mean ± standard deviation and analyzed using the Prism 8 

(GraphPad software). The statistical significance was determined using analysis of variance 

followed by suitable post-hoc test. The p-values lower than 0.05 were considered statistically 

significant. 

Results and Discussion 

Binding measurements of cRGD ligands to integrin receptors on the cell surface 

AFM-based single molecule binding spectroscopy (SMBS) permits to quantify 

intermolecular force between individual receptors and their ligands.  Figure 30A illustrates the 

rupture force measurements on a cancer cell acquired by an AFM topography image, which is in 

accord with optical images of the cell (Figure 30B).  In particular, a fluorescence image shows 

that the circular-shape nucleus (blue fluorescence) is located around the central cytoplasmic 
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region of cell, where the force-distance (FD) measurements were performed.  The blue color is 

due to labeling the nucleus with DAPI stain, while the cellular actin was stained with green to 

show the cell boundaries. The alkyne linked cyclic-RGD (cRGD) peptides were covalently 

attached to an amino-coated AFM probe through a bifunctional polyethylene glycol (PEG)12 

linker utilizing azide-alkyne cycloadditions and EDC/NHS crossing linking with carboxylate 

with amines (Figure 30C).     

 

Figure 30. Rupture force measurement of the cRGD-integrin pair. (A) Schematic diagram of 

single molecule force spectroscopy measurement between the ligand-coated tip and the cell 

membrane receptor. (B) AFM phase image of PANC-1 cell (left image) and optical microscope 

image (right image).  (c) Schematic representation of ligand binding site on an integrin receptor 

using AFM functionalized tip. The scale bars are 5 µm. 

The additional role of the PEG linker is to add a space between the probe and cell 

surface, allowing the cRGD ligands to freely interact with the target receptors on the cells.  After 

functionalization, the probe was brought into contact with the cell surface and retracted from it at 

a constant pulling speed.  While approaching to and retracing from the surface, the deflection 
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signal of the probe as a function of the distance between the probe and surface was recorded and 

converted to the standard FD curve using Hooke’s law described previously.   

According to well-known protocol [47], PEG linkers are dissolved in chloroform with 6.6 

mg/ml concentration to achieve single or few ligands attachment on the AFM tip. To confirm 

that, we tried two more different concentrations for the ligands than the standard protocol value.  

Initially, the concentration 5 mg/ml was used for the ligands where we could not obtain 

recognition events with the receptors. Then, 6.6, 8 and 13 mg/ml of the ligands were tested, and 

the single bindings appear in both concentrations. In the experiments of standard concentration, 

16% of total 1,024 FD curves successfully recognized the detection of the integrins using the 

cRGD-coated tip. From the recognition events, 92% were of single binding events and 8% were 

double or multiple. On the other hand, 8mg/ml ligand concentration led to approximately 77% of 

single binding events, while 23% of higher rupture force peak at ~155 pN. The highest ligand 

concentration, 13 mg/ml, led to around 53% of single binding events and 47% of multiple 

bindings (divalent and trivalent) (Figure 31).  

  

Figure 31. Force spectroscopy data using two different ligands concentrations, 6.6 mg/ml A, 8 

mg/ml B, and 13 mg/ml C.  The gaussian fitting indicates the single binding events. 1024 curves 

for each condition were recorded at 1μm/s tip retracting speed. At least three cells were tested 

from two independent samples per each condition using independent coated tips. 

Here, the number of ligands bound to the AFM tip is not limited to just one ligand but is 

restricted to identifying single molecule detachments. The low density of ligands is also 
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necessary for single binding recognition experiments to allow sufficient ligand mobility. Another 

ligands-associated requirement to achieve the single-binding interaction is covalently binding the 

ligands to AFM tip. The followed protocol guarantees covalent bonds between the ligands and 

AFM tip which is more than ten times stronger than the receptor-ligand bonds.  

To validate our AFM tip functionalization, silicon nitride chips were functionalized 

applying the previously described protocols. Instead of measuring the chip roughness which is an 

inaccurate qualitative method [121], we fluorescence labeled the ligands-coated silicon nitride 

chips [47] [122] specifically fluorescently labeling cRGD peptide, while using PEG linker 

concentration of 6.6 mg/ml. As a control, nonfunctionalized silicon nitride chips were incubated 

in the fluorescent probe solution. Then, we compared the light intensity for both: the coated and 

noncoated chips, resulting in 30 ± 2 a.u. intensity for the coated chip while dark with 2 ± 0.3 a.u. 

intensity for the noncoated one (Figure 32). 

To validate the ligands concentration, the linkers were attached to the chip. As 

controlling the ligands density depends on the linker density, three linkers’ concentrations were 

used. The free end of linkers was fluorescence labeled and then the chip was fluorescence 

imaged. The experiment was repeated with the three different concentrations of PEG linker: 0, 5, 

6.6, and 13 mg/ml. The intensity of fluorescent images of PEG-coated chips were measured to 

give 2.2 ±0.2, 4 ± 2, 32 ± 4, and 50 ± 3 a.u. respectively (Figure 32). 
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Figure 32. The light intensity data of the fluorescent images of the functionalized chips, resulted 

upon fluorescence imaging: PEG-Alex 674 linkers at three different concentrations (5, 6.6, 13 

mg/ml) (A), and cRGD-Alexa 647 molecules with 6.6 mg/ml linker concentration (B). In (B), the 

coated fluorescent chips with PEG and cRGD were compared to control chips that were only 

incubated with the dye molecules with no coating. 

Typical FD curves obtained with the cRGD ligand coated probe were displayed in Figure 

33B, in which a sharp rupture force Fr of 102 pN (sawtooth pattern in the FD curves) between 

individual cRGD ligand and integrin receptor was clearly depicted.  In contrast, the FD curves at 

certain area of the cell surface showed only elastic response without the rupture pattern, 

indicating no ligand-receptor interactions while performing SMBS measurements (Figure 33A).   

Although either the probe or ligands could bind nonspecifically and produce similar 

sawtooth patterns in the FD curve (chapter 3 Figure 9, 10, and 11), such events occur rarely and 

only in a short distant from the contact region (< 10 nm), along with relatively small force 

magnitude (< 50 pN), which makes it easily distinguishable from the specific unbinding force of 

ligand-receptor bond.  The rupture distance for the specific events took places > 100 nm from the 

contact region because of the locally extended height of the elastic plasma membrane while 

pulling the ligand-receptor bond, rather than the stretched length of PEG-cRGD ligand. 
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Figure 33. Representative FD curve (A) shows no binding between the receptor and its ligand. 

(B) Representative retracting FD curve for the single integrin-cRGD binding, where Fr is the 

rupture force of bond.  

The FD measurements were repeated over a wide range of the pulling speed of the probe, 

which determines a loading rate.  When the loading rate increased, Fr increased linearly with the 

logarithm of the loading rate (Figure 34).   

 

Figure 34. Most probable rupture forces measured at various loading rates. The black curve is the 

linear fit to average force data. The energy barrier width can be extracted from the slope of the 

linear fit. 

This linear trend agrees with the Bell-Evans model [37] of a single barrier transition 

between bound and unbound states of the receptor-ligand binary complex.  The free energy 
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landscape depicts the force-driven changes of thermodynamic parameters, including the 

dissociation off rate koff, the barrier width xb from unbound to the transition state, and the energy 

barrier Eb (Figure 35). 

 

Figure 35. The schematic representation for energy landscape demonstrates dissociation over 

energy barrier without force (black curve), and with applied external force (grey curve). 

Molecular recognition and specificity of cRGD to integrin αV heterodimer receptors  

Confocal laser scanning microscopy with the cells and Cy5-labeled, integrin targeting 

cRGD verified the specific bindings of cRGD to the ITG receptors (Figure 36A), which were 

spatially distributed on the cell surface including a ligand interacting cell’s top area (Figure 

36B).  A binding force-based, ligand-receptor recognition map also confirmed the presence of 

integrin receptors on the cell’s top surface (Figure 36C).  
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Figure 36. Recognition events between the integrins and cRGD ligands using confocal 

fluorescent microscope (A, B) and AFM (C). Fluorescent images show the stained cRGD 

molecules with Cy5 which attached to the receptors on PANC-1 cells, indicating the existence of 

active integrins on the cell surface. The optical microscope images also confirm the control 

experiment using only the Cy5 molecules in the samples. In (B), confocal fluorescent images 

were taken for the assigned cell in at three different depths of the cell starting exactly on the flat 

central area of the cell surface, and two images through the cell where 1 μm distance is between 

each image. Scale bar is 20 μm in the optical microscope images (A), 1 μm in (B) and 100 nm in 

the AFM receptor distribution image (C). 

The two-dimensional (2D) map revealed a random, sparse distribution of integrin 

receptors on the surface and the normal distribution of the Fr strength at a constant loading rate 

of 450 pN/s with a mean and standard deviation of 105 pN and 17 pN (n = 2,048 FD curves from 

eight cells), respectively (Figure 37).   

 

Figure 37. The rupture force histogram at loading rate of 450 pN/s collected from 2,048 FD 

curves from eight cells, different samples using independent tips. 
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Compared to the unrecognized area by the cRGD ligands (black color in the map), the 

relative surface coverage of the integrin receptors was ~ 16% for PANC-1 cells.  To further 

validate specific interactions between cRGD and integrin receptors, an additional recognition 

mapping with the cRGD-coated AFM probe on the pretreated cell were performed (Figure 38).   

 

Figure 38. Control experiment of recognition events for cRGD-integrin binding. Blocking the 

receptors by adding free cRGD peptides to the cells and then recording FD curves with the 

coated tips lead to reduce detecting the recognition events. Representative maps, 500×500 nm2 

and 16×16 curves (B) were inserted with the histogram (A). (n = 2,048 FD curves) were 

performed on at least seven cells from different samples using independent tips. The scale bar is 

100 nm. 

The cell was pre-incubated with an excessive amount of freely diffusive cRGD peptides 

to block integrin receptors on the cell before SMFS measurements.  The recognition map shows 

almost no surface area were recognized by the probe, suggesting that most integrin receptors on 

the surface was occupied by the free-cRGD peptides (Figure 38) and cRGD strongly binds to the 

integrin receptors.  As consequences, the relative surface coverage of integrin receptors was 

decreased from 15% to 4%.   

These control experiments were carried out with multiple AFM probes and cells to 

include cell-to-cell variability and reproducibility. 

Distribution and binding strength of integrin receptors on three pancreatic cancer cell lines 

Force recognition measurements between cRGD and integrin αV heterodimers on the cell 

surfaces of three pancreatic cell lines (PANC-1, BxPC-3, MIA PaCa-2) and one control cell line 
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(HPNE) were carried out to compare the distribution, binding strength, and surface coverage of 

the heterodimers on each cell line.  

In each cell line, the fluorescence image obtained with Cy5 labelled, free-cRGD peptides 

and the recognition map obtained with SMFS measurements show uniform distribution of the 

integrin αV heterodimers on the cell surface.  It should be noted that the fluorescence image 

includes the receptors on all cell surfaces including top and bottom area of the cell, while 2D 

recognition map represents only cell’s top surface area. 

 

Figure 39. Recognition map obtained with SMFS measurements shows distribution of the 

integrin αv heterodimers on the cell surface of the pancreatic cancer cell line PANC-1. For one 

cell, an AFM phase image and a fluorescence image obtained with Cy5 labelled, free-cRGD 

peptides (A) besides a histogram of the rupture force measurements with average 165 ± 42 pN 

(B) and the force map of receptor distribution with 13% coverage (C). The scale bar is 10 µm in 

the AFM images, and 1 μm in the AFM maps. 

The surface coverage of the integrin αv heterodimers on PANC-1 cells was measured to 

be 13% (Figure 39).  Compared to the PANC-1 cell, other cells including BxPC-3 (Figure 40), 

MIA PaCa-2 (Figure 41), and HPNE (Figure 42) showed less than twice amount of the integrin 

αV heterodimers on the cell surface.   
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Figure 40. Recognition map obtained with SMFS measurements shows distribution of the 

integrin αV heterodimers on the cell surface of the pancreatic cancer cell line BxPC-3. For one 

cell, an AFM phase image and a fluorescence image obtained with Cy5 labelled, free-cRGD 

peptides (A) besides a histogram of the rupture force measurements with average 175 ± 21 pN 

(B) and the force map of receptor distribution with 5.9% coverage (C). The scale bar is 10 µm in 

the AFM images, and 1 μm in the AFM maps. 

 

Figure 41. Recognition map obtained with SMFS measurements shows distribution of the 

integrin αV heterodimers on the cell surface of the pancreatic cancer cell line Mia-PaCa-2. For 

one cell, an AFM phase image and a fluorescence image obtained with Cy5 labelled, free-cRGD 

peptides (A) besides a histogram of the rupture force measurements with average 168 ± 40 pN 

(B) and the force map of receptor distribution with 3.4% coverage (C). The scale bar is 10 µm in 

the AFM images, and 1 μm in the AFM maps. 
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Figure 42. Recognition map obtained with SMFS measurements shows distribution of the 

integrin αV heterodimers on the cell surface of the pancreatic cancer cell line hTERT-HPNE. For 

one cell, an AFM phase image and a fluorescence image obtained with Cy5 labelled, free-cRGD 

peptides (A) besides a histogram of the rupture force measurements with average 150 ± 42 pN 

(B) and the force map of receptor distribution with 4.7% coverage (C). The scale bar is 10 µm in 

the AFM images, and 1 μm in the AFM maps. 

In contrast to the cell type dependent integrin expression levels, the distributions of 

rupture force strength for individual cRGD-integrin bonds resulted in the normal distributions for 

all cell lines at the identical roading rate of 3,200 pN/s, and their means were not significantly 

different from each cell line (P < 0.05).  These results imply that the strength of rupture force 

required to break the cRGD-integrin bond is independent on the cell type.  Additionally, a 

logarithmic trend of the rupture force as a function of the loading rates observed in BxPC-3 and 

MIA PaCa-2 cell lines further supports the force-assisted, single-barrier transition of the cRGD-

integrin complex between bound to unbound state regardless cell type (Figure 43). 
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Figure 43. Rupture force dependency on the loading rates recorded for av integrin-cRGD binding 

using three pancreatic cancer cell lines: PANC-1, Mia-PaCa-2, and BxPC-3. The data shows the 

consistency of measurements regardless cell type. 

Multivalent cRGD-ITG interactions 

In addition to single-molecule binding events, multivalent interactions of cRGD-ITG 

were examined.  We performed controlled experiments using the functionalization protocol that 

limits the ligand density on the probe and yield an average of single receptor-ligand bond.  This 

strategy allows us to distinguish individual events when observed multiple receptor-ligand 

interactions.  Figure 44 shows the distribution of the rupture force obtained from experiments 

repeated using several probes and cells (n =10).   
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Figure 44. Histogram of rupture force measurements obtained by performing SMFS using high 

density ligands on the functionalized AFM-tips. Multiple peaks were resulted indicating the 

number of bonds formed between the integrins and cRGD ligands. 

The presence of several ligands on the probe leads to multivalent cRGD-ITG interactions, 

resulted in the multiple peaks in the rupture force distribution (Figure 44).  Thus, additional 

peaks with the mean of Fr = 157 pN and Fr = 205 pN at the higher force regime (> 105 pN) 

correspond to rupture force of divalent and trivalent interactions of ligand-receptor, respectively.  

The strength of divalent bonds was smaller than the simple addition of two monovalent bond (Fdi 

< 2Fmo), and the strength of trivalent bonds was smaller than the three times monovalent bonds 

(Ftri < 3Fmo).  Thus, the strength of multivalent bonds scaled not linear additively, but sub-

linearly with increasing bond number, which is in agreement with theoretical predictions of a 

noncooperative multivalent model and previous experimental observations [123].   

In particular, the average rupture force measured in our experiments agreed with the 

reliability theory by Tees et al., in which the strength of rupture force of N bonds scales with the 

Harmonic number (FN = HN<F1>; HN = Σ(1/i)).  These observations led us to conclude that the 
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multiple cRGD ligands on the AFM probe interacts with integrin receptors on the cell surface in 

parallel and bonds are independent of each other. 

Dynamic force spectroscopy (DFS) was further performed to examine the load-dependent 

multivalent cRGD-integrin interactions.  Both divalent and trivalent rupture force resulted in a 

linear trend by taking logarithmic scale of loading rates, suggesting that unbinding mechanism of 

each bond in multivalent interactions is governed by the Bell-Evans model.  Results from FD and 

DFS measurements enable us to extract several important physical parameters associated with 

binding thermodynamics.  The relationship between Fr and loading can be described by the Bell-

Evans expression 

 𝐹 =
𝑘𝐵𝑇

𝑥𝑏
𝑙𝑛 (

𝑟𝑥𝑏

𝑘𝑜𝑓𝑓
0 𝑘𝐵𝑇

), (6) 

where kB the Boltzmann constant, T the temperature, r is the loading rate, koff
0 is the kinetic-off 

rate in the absence of external perturbation (F = 0), and xb is the barrier width from unbound to 

the transition state.  Our DFS data fit equation (6) very well, and fitting determines the values of 

koff
0 and xb for multivalent cRGD-integrin bonds.   

Single linear fit to the logarithmic loading rate implies the ligand-receptor transitions 

from bound to unbound occur through a single barrier in the relatively slow loading range from 

235 to 6720 pN/s used in the experiments.  The energy landscapes of multivalent interactions of 

cRGD-integrin reconstructed from the DFS measurements were depicted in Table 1.  The value 

koff
0 = 0.1863 s-1 for the monovalent cRGD-integrin bond was consistent with previous studies of 

cRGD ligand and several cell receptors, which further validates single-molecule interactions 

between α5β1 Integrin and fibronectin [119]. 
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Table 1. Dynamic force spectroscopy (DFS) results for single and multiple αv integrin-cRGD 

bindings. The data was fitted to Bell-Evans model and then the thermodynamic parameters koff
0 

(off-rate constant) and xb (energy barrier width) were extracted. The energy barrier values were 

also calculated. 

Number of Bonds xb (A°) koff
0 (s-1) Eb (KBT) 

Single 1.57 0.1863 24.01 

Double 1.61 0.0571 25.19 

Triple 1.68 0.0090 27.03 

 

Compared to the monovalent bond, koff
0 values for divalent and trivalent cRGD-integrin 

bonds were decreased 3.2 folds and 20 folds, respectively.  These results indicate that 

multivalent bonds increase the stability of cRGD-integrin bound states. Additionally, we found 

the small xb value (~ 1.6 Å) which is good agreement with values determined for cell surface 

receptors bound to peptide-based ligands [124]. The xb values were increased from 1.57 to 1.68 

Å with number of bonds, implying the width of the potential well of the bound state became 

widened.  Although the widen width of the potential well could contribute to the additional 

stability of the multivalent bound states, little changes in the xb values could attribute to the 

mechanical or configurational constrains from other ligands rather than the existing of additional 

conformational substates between the bound to transitions states.   

The rate of escape from bound to unbound states under external force could be analyzed 

by the Kramers problem, which can be written as 𝑘𝑜𝑓𝑓
0 = 𝑤𝑒−𝐸𝑏/𝑘𝐵𝑇, where w and Eb are the 

frequency prefactor and the potential barrier height, respectively.  By taking w ~ 5 × 1010 s-1, Eb 

was estimated to be 24.01, 25.19, and 27.03 kBT for monovalent, divalent, and trivalent bonds, 

respectively.  The trend of the increasing barrier height with bond number is consistent with 

other kinetic parameters, suggesting that multivalent bonds spend longer time in the bound states 

and enhance the stability of the bonds. 
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Sequential rupture of cRGD-integrin bonds 

Finally, we discuss the asynchronous, sequential rupture events of divalent and trivalent 

interactions (Figures 45 and 46).  For the divalent case, two possible unbinding of the cRGD-

integrin bonds could occur: both bonds rupture synchronously (Figure 44); or two successive 

ruptures for each bond take places (Figure 45).  The majority divalent unbinding events showed a 

single, synchronous rupture behavior with <Fdi> = 157 pN, and approximately 5% divalent 

bonds ruptured sequentially.   

In the FD curves in Figure 45, the first rupture force corresponds to a breaking up of a 

weaker bond while pulling two cRGD-ITG complexes, and the second rupture represents a 

breaking event of the other, relatively strong bond.  The first rupture force was measured to be 

135.3 ± 5 pN, which is stronger than breaking monovalent bond, but less than the synchronous 

divalent rupture force.  Such lower force for the asynchronous rupture could attribute to the 

intrinsically weakly bound cRGD-integrin complexes, the different lengths from the ligand to the 

receptors, and mechanical or geometrical constrain when pulling of ligands.  In contrast, the 

mean of the second rupture force (100.2 ± 6 pN) was nearly the same strength of monovalent 

rupture force within 1σ, suggesting that the second bond acts as an independent, monovalent 

bond after dissociating of the other bond.     
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Figure 45. Asynchronous rupture event of divalent αv integrin-cRGD interaction. In the 

retracting FD curve, binding of the two bonds is around 135 pN (in the light blue area), while the 

rupture force of the lasted single bond is around 100 pN (in green area). 

For the trivalent interactions, three different sequential unbinding events were observed: 

two rupture events occurred together at the either first (Figure 46A) or last (Figure 46B); or three 

rupture events took place one by one (Figure 46C).   
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Figure 46. Asynchronous rupture event of trivalent αv integrin-cRGD interactions. In the 

retracting FD curve, rupturing of the two bonds occurs either first (A), or last (B), while the 

rupture event can also occur as a form of single rupturing one by one (C). 

Regardless of the unbinding sequence, the first rupture force was closed to each other 

with the mean of 179.7 ± 7 pN, which lies between the force strength for breaking double and 

triple bonds synchronously.  Interestingly, the last rupture force for both divalent bond and 

monovalent bond in the sequential events was nearly identical to that of synchronous rupture 
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cases (Figure 47).  These results indicate that individual rupture mechanism and the force 

magnitude are independent to the multivalency interactions and further support the parallel bond 

model.  

 

Figure 47. Rupture force diagram of the asynchronous rupture events distribution of the αv 

integrins and cRGD ligands. This illustration shows the average rupture forces of monovalent 

and divalent that occur during the divalent and trivalent rupturing. 
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CHAPTER 6. OVERALL CONCLUSION 

In conclusion, we have demonstrated alteration of cancer cells’ biomechanical and 

biophysical properties induced by the standard chemotherapeutic drugs using AFM-based, time-

traced imaging and force spectroscopy measurements. We found that stiffness kinetics depends 

on the type of the drug, exposure time to the drug, and oxygen levels in the microenvironments, 

while the stiffness of untreated cancer cells remains consistent in both normoxia and hypoxia. In 

addition, such changes in the stiffness due to either disruption or reinforcement of cytoskeletal 

structure induced by the drug were coupled with substantial alteration in cellular morphology, 

surface roughness, and cytoadhesion. Although the drug treatment alone significantly affects the 

cellular stiffness, the efficacy can be dampened by drug resistance due to the hypoxia, 

emphasizing the complex underpinning mechanisms that govern overall biomechanical and 

biophysical properties.    

Results from FD curves, 2D recognition mapping, and DFS measurements revealed 

several important physical parameters associated with binding and unbinding thermodynamics.  

First, the rupture force of individual cRGD-integrin bonds was unchanged for different 

pancreatic cancer cells and healthy control cells while the integrin population has substantially 

reduced.  Second, the dissociation dynamics of the binary complex fitted to the Bell-Evans force-

assisted, single-barrier two-state transition model, in which the kinetic off rate of multivalent 

bonds was substantially decreased.  Third, sequential rupture events of multiple bonds revealed 

that the force strength for breaking up the initial bonds under multivalent interactions was 

weaker than that of synchronous multiple rupture events, but the last rupture events and the force 

strength were identical to the synchronous case, suggesting independent parallel bond 

mechanism.  This study providing a quantitative relationship between cRGD-integrin binding 
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dynamics and multivalent interactions will allow a better understanding of integrin’s binding 

selectivity, affinity, and stability to cRGD peptides and could help design of new cRGD-based 

nanoparticles for cancer imaging, drug delivery, and chemotherapeutics. 
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